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to each beach (Figure 2.6b). At every 10 m interval, a 1 m wide swath was sampled for visible 

plastic up to depths of 3 cm. The slope of each beach and midpoint coordinates were also 

recorded. 

Plastic particles sampled from the beach quadrats and traverses were brought back to the 

lab, emptied onto aluminum pie plates, and placed in a drying oven set to 90°C for 8 hours. 

 Using Taylor Sieves with openings of 5.6 mm, 1 mm, and two larger sieves on top (to meet the 

minimum of four sieves required), the sample was sieved at 50 Hz for 5 minutes. Plastics from 

each size category (>5.6 mm, 1 mm to <5.6 mm) were categorized as plastic fragments, 

polystyrene, filaments, or intact items. Plastic items in each category were counted and weighed, 

and the type of intact item was recorded. 

 

Figure 2.6. (A) Two-by-two meter sampling quadrat at Lakewood Beach and (B) 50 m sampling transect 

at Crystal Beach. 

2.2.2 Lake Erie tributary locations and sampling methods 

Sediment samples were collected from four tributaries emptying into Lake Erie: Grand 

River Tributary, Welland Canal Tributary, a small sewage outlet near Rondeau Beach, and 

Sturgeon Creek tributary in downtown Leamington (Figures 2.1, 2.4, 2.7). Grand River Tributary 

sediments were sampled from a boat launch inclined at 20°, 4 m from the water along a storm 
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strandline (Figure 2.7a). The water flow was ~35 m3/s (GRCA, 2015). The Welland Canal 

sampling site was located next to the canal wall (Figure 2.7b). The water in the vicinity was at a 

depth of approximately 2.4 m and was flowing at a rate of approximately 180 m3/s (Labbaf, 

2010). Samples from the Rondeau Beach outlet were collected from off of the northern side of a 

bridge on a raised sandy mound 0.15 m high (Figure 2.7c), and from off the south side of the 

bridge, where the ground sloped 32° toward the water. The water flow rate was approximately 

0.03 m3/s (Hamdy and Kinkead, 1978). Sturgeon Creek tributary sediments in downtown 

Leamington were sampled near a storm drain outlet (Figure 2.7d). The water depth in the vicinity 

was 0.28 m on the south side of the bridge and 0.4 m directly under the bridge.  

Tributary bottoms were sampled using a Petite Ponar grab sampler, provided by the 

Ministry of Environment and Climate Change. The northeastern tributaries were sampled on 

November 14, 2015 and the northwestern tributaries were sampled on November 15, 2014. 

While standing on a bridge or wading in water, the Petite Ponar was lowered by rope until it 

reached the tributary bottom. The rope was then jerked in order to allow the line to become 

slack, thereby tripping the sampler. The grab sampler was lifted from the tributary bed and was 

placed in a metal pan to release the sediment sample. The sample was scooped into a Nalgene® 

high density polypropylene jar and placed in a cooler until sample separation. Two tributary 

quadrats, measuring 2 m × 2 m, were set up at two suitable tributary locations: the Grand River 

boat launch, and the Rondeau inlet. Tributary quadrats were not taken at the Welland Canal and 

Sturgeon Creek in Leamington. Both locations had built-up concrete walls and the water does 

not come into contact with riverbank sediments. 
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Figure 2.7. Tributary sampling locations. A) Grand River tributary with boat launch, FOV ~2.5 m; B) 

Welland Canal, field of view is ~4.0 m (Google Maps, 2016); C) Rondeau Inlet, field of view at sand 

mound is ~6.0 m; D) Leamington Tributary (Sturgeon Creek), FOV ~2.5 m. 

2.2.3 Lake Erie benthic sample locations and sampling methods 

Lake Erie and Lake St. Clair surface sediment samples were collected in August 2014 by 

the Ministry of Environment and Climate Change using a Shipek sampler (Wildco, Yulee, FL, 

USA).  The Shipek sampler collects the top 3 cm of lake bottom sediment. Thirteen Shipek 

samples were collected in various locations along the nearshore northern portion of Lake Erie in 

water depths ranging from 5-12 m (Figures 2.1, 2.4), and two Shipek samples were collected in 

Lake St. Clair. The top 3 cm of three discrete grabs were homogenized in pre-cleaned stainless 

steel pans and transferred to a 500 mL polyethylene terephthalate (PET) jar. The samples were 

chilled and transported to the laboratory for analysis. 

One passive sediment trap sample was collected from the Western Basin of Lake Erie by 

the Ministry of Environment and Climate Change in the summer of 2014. The passive sediment 

trap consisted of four acrylic cylinders set in 2 L plastic beakers in a deployment frame.  The 

(a) 

(c) 
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passive sediment trap was deployed ~2.0 m off the lake bottom to capture material falling 

through the water column from May 26, 2014 to October 23, 2014.  Upon retrieval of the passive 

sediment trap, the water was drained off and the settled material from each tube was transferred 

to a 500 mL PET jar. 

2.3 Separation and analysis of microplastics and sediments 

The sediment samples were thawed at room temperature in Corcoran’s Sample 

Separation Laboratory, emptied onto aluminum pie plates, and placed in a drying oven set to 

90°C for 8 hours. If the dried samples solidified, they were wet-sieved to remove clay-sized 

particles and were re-dried at 90°C for eight hours. Each dried sample was weighed and placed 

into a Taylor Sieve apparatus with sieve sizes of 63 µm, 2 mm, 4 mm, and 5 mm. The sample 

was sieved at 80 Hz for 5 minutes, and sediment <63 µm was returned to the sample container. 

Sediment <63 µm and not inspected for microplastics, because this grain-size is too small to 

analyze using the lab equipment provided. Sediment between 63 µm and 2 mm was emptied into 

250 ml of sodium polytungstate (SPT) solution with a specific gravity of 1.5 g/cm3. The samples 

were magnetically stirred at 8 Hz for 1 minute and were then poured into a 750 mL separatory 

funnel with a 2-mm stopcock (Figure 2.8). The sample was allowed to settle for approximately 

10 minutes, the stopcock was opened and the heavy grains were drained into a 750 ml beaker, 

until only floating particles were left in the separatory funnel. The floating particles were filtered 

from the SPT solution by draining the separatory funnel into a beaker fitted with a conical funnel 

that was lined with filter paper. If there was a low amount of organic material, the filter paper 

was placed into a petri dish and the >1.5 g/cm3 particles were re-dried at 70°C for 18 hours. The 

particles were then examined microscopically, using the Nikon SMZ1500 in Corcoran’s Imaging 
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Lab, at magnifications of 10× to separate plastics from sediment. The plastics were removed 

using tweezers, placed onto double sided tape in a petri dish and were counted according to 

plastic type: fragments, fibres and beads. 

If there was a great amount of organic material on the filter paper following SPT 

separation, the filter paper was rinsed with distilled water and placed in a beaker for later 

dissolution of organic material using wet peroxide oxidation. The procedure was performed 

according to the methods outlined by NOAA (2015). Under a fumehood, a 0.05 M Fe (II) 

solution was prepared by adding 7.5 g of FeSO4·7H2O to 500 mL of distilled water and 3 mL of 

concentrated sulphuric acid. Twenty mL of the prepared 0.05 M Fe (II) solution was added to a 

750 mL beaker containing the organics. Twenty mL of 30% hydrogen peroxide was added to the 

beaker and was allowed to settle for 5 minutes at room temperature under the fumehood. A stir 

bar was added to the beaker and covered with a watch glass. The sample was heated to 75°C on a 

hotplate and removed as soon as bubbles were observed. If the sample boiled violently, distilled 

water was added to control the boiling. Once the bubbling subsided, the sample was heated to 

75°C for an additional 30 minutes. If organic matter was still visible, another 20 mL of hydrogen 

peroxide was added and the procedure was repeated until no organic material remained. The 

sample was then placed into a drying oven at 90°C for 8 hours. The dried sample was emptied 

into a petri dish and was microscopically analyzed to separate plastics from sediment. The 

plastics were removed using tweezers, placed onto double sided tape in a petri dish, and were 

counted according to plastic type: fragments, fibres and pellets. 
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Figure 2.8. Separatory funnel set up at various stages of plastic separation process. 

2.4 Micro-Raman analysis of microplastics 

2.4.1 Theory of Raman spectroscopy 

 In 1928, the discovery of Raman scattering – inelastic scattering of photons – provided 

the basis of Raman spectroscopy (Ball, 2001; Nafie, 2001; McCreery, 2000).  Raman 

spectroscopy is used to detect molecular vibrations, such as bending, rocking, scissoring, 

stretching, twisting, and wagging (Gardiner, 1989), thus, providing a fingerprint for specific 

materials. Raman spectrometers are equipped with a monochromatic light source, such as a laser, 

which interacts with molecular vibrations (Gardiner, 1989). These molecular vibrations cause the 

laser photons to release energy or gain energy, resulting in visualization of distinct molecular 

vibration patterns in materials (Gardiner, 1989). In order to activate the Raman modes, the 

sample is illuminated with the monochromator and the electromagnetic radiation from the 

sample is collected with a lens (Gardiner, 1989). Rayleigh scattering – elastic scattering of 
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photons – is filtered out, leaving the Raman photons to be dispersed onto a detector by a notch 

filter to a band pass filter (McCreery, 2000). Because Rayleigh scattering occurs more often than 

Raman scattering (Harris and Bertolucci, 1989), detection of Raman scattering may be amplified 

by equipping the Raman spectrometer with other devices, such as the aforementioned filter or a 

Fourier-transform spectrometer (McCreery, 2000).  The detector will display a Raman spectrum 

of Raman shift (wavenumber) (cm-1) vs. arbitrary intensity, which is a unique fingerprint of the 

material that was sampled.  

2.4.2 Plastic identification using Raman spectroscopy 

Intensity bands displayed on Raman spectra are used to identify different types of plastic. 

Raman peaks, breadth, and relative intensities centered at specific wavenumbers correspond to 

specific molecular vibrations that are unique to different materials (Allen et al., 1999). Vibrations 

of specific bonds can be sensitive to crystallinity, which is why the intensity bands are visible. 

For example, polyethylene is commonly identified by its intensity bands at 1461 cm-1, 1439 cm-1, 

and 1416 cm-1, which correspond to CH2 scissoring, CH2 scissoring, and CH2 wagging 

vibrations, respectively (Allen et al., 1999). Plastics pertinent to this study are summarized in 

Figure 2.9 Table 2.1. Fourier-transform Raman spectroscopy and dispersive Raman were used to 

determine the composition of microplastics collected from Lake Erie, and are described in more 

detail below. 

2.4.3 Fourier-transform Raman spectroscopy 

Raman spectra of 24 microplastic samples were obtained using an NXR FT-Raman 

module coupled to a 6700 Fourier transform infrared spectrometer (Thermo Electron 

Corporation, Madison, WI, USA) at the Museum Conservation Services - Smithsonian Institute, 
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Suitland MD (Figure 2.10). The Raman instrument had a continuous wave near infrared 

Nd:YVO4 excitation laser (1064 nm), CaF2 beam splitter, and thermoelectrically-cooled InGaAs 

detector. Raman spectra were collected using a 50 µm laser spot, and laser power was varied 

between 0.02 - 2.00 W (using 1.0 OD neutral density filter as needed to limit laser power). 

 Starting at the minimum, laser power was increased empirically to maximize the signal-to-noise 

ratio without burning or vaporizing the sample. Most spectra required 512 scans across 100 - 

3701 cm−1. If peaks were not evident after 512 scans, an additional 2048 scans were performed. 

The Raman spectra were compared to commercial spectral libraries and custom libraries 

prepared by the Smithsonian’s Museum Conservation Institute to determine the type of plastic 

analyzed. The commercial libraries included the HR FT-Raman Polymer Library (copyright 

1997-2001, 2004 Thermo Electron Corporation for Nicolet Raman), the HR Pharmaceutical 

Excipients FT-Raman Library (copyright 1999, 2004 Thermo Electron Corporation for Marcel 

Dekker, Inc.), and the FDM Retail Adhesives & Sealants (Fiveash Data Management, Inc., 

Madison, Wisconsin, USA). 
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Figure 2.9. Relevant reference Raman spectra of polymers: (A) polyethylene (Raman spectra from Lewis 
(2001)), (B) polypropylene (Raman spectra from Michielsen (2001)), (C) polystyrene (Raman spectrum 
from McCreery Research Group (2014)), (D) poly vinyl chloride (Raman spectrum from Nørbygaard & 
Berg (2004)), (E) cotton (Raman spectrum from McCreery Research Group (2014)), (F) cellulose textile 
(Raman spectra from Cho (2007)), and (G) poly methyl methacrylate (Raman spectrum from Emmons et 
al. (2006)). 
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Table 2.1. Relevant polymers and their Raman shifts and molecular vibrations. 

Polymer Raman 
shifts 
(cm-1) 

Molecular vibration Source 

Cellulose 
textile 

1479 
1462 
565 
327 

CH2 scissoring (cellulose I) 
Cellulose II crystal lattice 
C-O-C bending (cellulose I) 
C-C-C bending (ring deformation) 

(Kavkler and 
Demsar 2011) 

Polyethylene 1461 
1439 
1416 

CH2 scissoring 
CH2 scissoring 
CH2 wagging 

(Allen et al., 1999) 

Poly methyl 
methacrylate 

813 
600 

C-O-CH3 stretching (symmetrical) 
C-C-O stretching (symmetrical) 

(Flores and 
Chronister, 1996) 

Polypropylene 1458 
1435 
1220 
1168 
1151 
998 
972 
841 
808 

CH2 bending 
CH2 bending 
CH2 twisting, CH wagging, C-C stretching 
C-C stretching, CH3 rocking, C-C wagging 
C-C stretching, CH bending 
CH3 rocking 
CH3 rocking, CH bending 
CH2 rocking 
CH2 rocking, C-C stretching 

(Nielsen et al., 
2002) 

Polystyrene 3054 
2905 
2852 
1602 
1583 
1451 
1155 
1032 
1001 
796 
621 

32* 
13* 
9* 
28* 
12* 
8* 
13* 
27* 
100* 
10* 
16* 

*advanced 
molecular 
vibration data was 
unretrievable for 
polystyrene, 
however 
McCreery 
Research Group 
(2014) provided 
relative intensity 
data. 

Polyurethane 2275 
1732 
 
1612 
1530 
 
1445 
1303 
1251 
1185 

N=C=O asymmetrical stretching 
C=O (ester)stretching, C=O (urethane amide I) 
stretching 
Ar stretching 
Ar stretching, C-N stretching + N-H bending 
(urethane amide II) 
N=C=O stretching, CH2 bending 
CH bending, urethane amide III? 
Urethane amide III? 
Urethane amide? 

(Parnell et al., 
2003) 

Poly vinyl 
chloride 

2927 
2252 
1530 
1139 

C-C (higher harmonics of 1139 cm-1 C-C stretch) 
C-C (higher harmonics of 1530 cm-1 C-C stretch) 
C-C stretching 
C-C stretching 

(Ritter et al., 
2010) 

    


