
Western University Western University 

Scholarship@Western Scholarship@Western 

Electronic Thesis and Dissertation Repository 

9-18-2023 10:30 AM 

Protein Stability in Solution and in the Gas Phase. Protein Stability in Solution and in the Gas Phase. 

Yousef Haidar, 

Supervisor: Lars Konermann, The University of Western Ontario 

A thesis submitted in partial fulfillment of the requirements for the Master of Science degree in 

Chemistry 

© Yousef Haidar 2023 

Follow this and additional works at: https://ir.lib.uwo.ca/etd 

 Part of the Analytical Chemistry Commons, Biochemistry Commons, Physical Chemistry Commons, 

and the Structural Biology Commons 

Recommended Citation Recommended Citation 
Haidar, Yousef, "Protein Stability in Solution and in the Gas Phase." (2023). Electronic Thesis and 
Dissertation Repository. 9673. 
https://ir.lib.uwo.ca/etd/9673 

This Dissertation/Thesis is brought to you for free and open access by Scholarship@Western. It has been accepted 
for inclusion in Electronic Thesis and Dissertation Repository by an authorized administrator of 
Scholarship@Western. For more information, please contact wlswadmin@uwo.ca. 

https://ir.lib.uwo.ca/
https://ir.lib.uwo.ca/etd
https://ir.lib.uwo.ca/etd?utm_source=ir.lib.uwo.ca%2Fetd%2F9673&utm_medium=PDF&utm_campaign=PDFCoverPages
https://network.bepress.com/hgg/discipline/132?utm_source=ir.lib.uwo.ca%2Fetd%2F9673&utm_medium=PDF&utm_campaign=PDFCoverPages
https://network.bepress.com/hgg/discipline/2?utm_source=ir.lib.uwo.ca%2Fetd%2F9673&utm_medium=PDF&utm_campaign=PDFCoverPages
https://network.bepress.com/hgg/discipline/139?utm_source=ir.lib.uwo.ca%2Fetd%2F9673&utm_medium=PDF&utm_campaign=PDFCoverPages
https://network.bepress.com/hgg/discipline/6?utm_source=ir.lib.uwo.ca%2Fetd%2F9673&utm_medium=PDF&utm_campaign=PDFCoverPages
https://ir.lib.uwo.ca/etd/9673?utm_source=ir.lib.uwo.ca%2Fetd%2F9673&utm_medium=PDF&utm_campaign=PDFCoverPages
mailto:wlswadmin@uwo.ca


i 
 

 

Abstract 

Electrospray Ionization mass spectrometry (ESI-MS) is widely used for probing proteins, 

yet many aspects of this technique remain elusive. Using MS, ion mobility spectrometry (IMS), 

and circular dichroism (CD) spectroscopy, this thesis sheds light on the stability differences of 

proteins in the gas phase and solution. After a general introduction (Chapter 1), Chapter 2  

scrutinizes some aspects of native ESI. Our data highlight the significance of cone voltage in 

maintaining a native-like fold and show the advantage of using NH4Ac in protein experiments. 

Chapter 3 focuses on hydrogen/deuterium exchange (HDX)-MS. Several studies have reported 

that D2O enhances the stability of proteins. We corroborated this effect through thermal unfolding 

assays. Previous studies tentatively attributed this phenomenon to either strengthened backbone 

H-bonds or to changes in protein-solvent interactions. To help unravel these contributions, we 

performed Collision Induced Unfolding experiments (CIU) on gaseous proteins. The 

indistinguishable CIU profiles of deuterated and unlabeled proteins suggest that D2O-induced 

stabilization originates from solvent effects. 

 

Keywords: Proteins, Mass Spectrometry, Ion Mobility Spectrometry, Collision Induced 

Unfolding, Protein Stability, Hydrogen-Deuterium Exchange. 
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Summary for Lay Audience:  

 Proteins are molecules that perform various biological roles important to all living 

organisms. The function of these molecules depends on their overall structure. Many techniques 

are available to probe protein structure and conformational dynamics. These include native ESI as 

well as chemical labelling, in combination with MS.  Unfortunately, many fundamental aspects of 

these techniques remain poorly understood. For every ESI experiment, proteins have to be 

converted to gaseous ions. This process is carried out by applying high voltage to an ESI capillary 

where a protein solution is introduced, generating a plume of highly charged droplets that 

ultimately release protein ions into the gas phase. The extent to which gaseous proteins and non-

covalent complexes maintain their native structures depends on how gentle the ESI conditions are. 

While Native ESI is a useful tool for probing protein structure, it does not provide high-resolution 

data. Chemical labelling in conjunction with MS fills this role by probing solvent accessible 

surfaces. The question to what extent these labels are benign has been the subject of debate for 

decades.  

In this work, we investigate ESI parameters that can affect the outcome of protein 

experiments. The results of chapter 2 demonstrate that cone voltage, and solvent conditions can 

greatly influence whether proteins retain native-like structures. Moreover, we discussed the 

chemistry of NH4Ac (a widely used ESI additive). This chemical has a little buffering capacity at 

neutral conditions but can stabilize the pH at slightly acidic values. Our data reveal that globular 

proteins like cytochrome c and lysozyme can tolerate such slight pH drops.  

In chapter 3, we shed light on HDX (a widely used chemical labelling method) and 

scrutinize the assumption that labeling proteins with deuterium is benign. We investigated the 

purported stability of deuterated proteins in the solution phase using thermal unfolding studies. 

Similarly, we utilized collision induced unfolding to investigate the stability of deuterated proteins 

in the gas phase. Our data demonstrates that exposure to D2O might alter certain aspects of protein 

structure and dynamics in solution. In contrast, gas-phase experiments revealed that the stability 

of gaseous protein ions is indistinguishable before and after deuteration.  
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Chapter 1  Introduction  

1.1  Native Protein Structures  

Proteins are biological macromolecules that carry out various functions, for instance, they 

regulate cellular division, catalyze metabolic reactions, transcribe DNA, and assist in the synthesis 

of other biomolecules.  The exact function of a protein depends on its three-dimensional structure. 

These structures are a consequence of various interactions that include covalent bonds, hydrogen 

bonds, hydrophobic contacts ,van der Waals contacts, and Coulombic interactions2.  

Protein structures can be described at four levels of complexity. The primary structure is 

the amino acid sequence.3 Secondary structure is defined as the spatial arrangement of backbone 

atoms into α‐helices, β‐sheets, and loops that vary in length and topology. These structural 

elements arise from hydrogen bonds formed between backbone atoms, and they can be identified 

by their backbone dihedral angles  and ψ.3 Tertiary structure refers to the three-dimensional 

arrangement of the backbone and the side chains. Tertiary structures include domains that perform 

certain functional roles such as ligand binding.3 Finally, oligomeric proteins possess a quaternary 

structure which defines the association of multiple chains into a closely packed arrangement.3 

A protein’s three-dimensional structure is encoded in its amino acid sequence4. This native 

structure is the biological active form of the protein. The hydrophobic effect provides much of the 

thermodynamic driving force for protein folding, through the burial of non-polar side chains5. This 

ensures that proteins are compact, minimizing unfavourable interactions with the solvent. In 

addition, hydrogen bonds are among the interactions that  provide directionality and organization 

for distinct folds. Proteins contain many hydrogen bond donors and acceptors, most importantly 

the backbone amide sites, as well as charged and polar functional groups (carboxylates, hydroxyls, 

amines, and amides)5.  Backbone CO and NH groups form hydrogen bonds with one other, thereby 

stabilizing a protein’s native fold. As an example, Figure 1.1 shows the crystal structure of 

lysozyme where backbone hydrogen bonds have been highlighted. 
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      Figure 1.1. Crystal structure of lysozyme, PDB code: 1HEW. The protein secondary structure 

is shown in cartoon representation. Backbone NH··OC  hydrogen bonds are highlighted as red 

dashes.  

 

1.2 Thermodynamic Aspects of Protein Stability in Solution 

The native state of a globular protein is characterized by a highly ordered conformation 

that depends on the amino acid sequence, the solvent environment, and the temperature.6 The 

native conformation contains a tightly packed core dominated by hydrophobic side chains, while 

hydrophilic residues are located on the outside where they favourably interact with water.6 Most 

native structures are only marginally stable and can unfold as a result of relatively subtle 

environmental changes.6 These unfolding transitions disrupt noncovalent interactions such as 

intramolecular hydrogen bonds and hydrophobic contacts.6 The unfolding transitions of many 

small proteins are highly cooperative and do not involve any detectable intermediates.7 The 

equilibrium constant of such two-state N ⇄ U reactions is  

Keq = [U]/[N]                   (1.1) 

where [U] and [N] denote the equilibrium concentrations of the unfolded and the native states. The 

extent to which [U] and [N] are populated depends on the free energy difference ΔG of unfolding 

according to  

Keq = exp(-ΔG/RT)            (1.2) 
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Figure 1.2. Schematic representation of two-state unfolding equilibrium. (N) corresponds to a 

tightly packed native conformation while (U) represents an unfolded structure.6  PDB code:1HEW 

Equations (1.1) and (1.2) define the thermodynamic stability of proteins, where large positive ΔG 

signifies a highly stable structure. ΔG is composed of enthalpic and entropic contributions both of 

which comprise stabilizing and destabilizing factors. 6 

ΔG = ΔH-TΔS     (1.3) 

 For instance, the large conformational space accessible to the unfolded polypeptide chains results 

in ΔS > 0, a factor that tends to drive the equilibrium towards  [U].6  However, under non-

denaturing solvent conditions this entropy contribution is counteracted by ΔH > > 0, reflecting the 

presence of numerous non-covalent interactions in the native state, including hydrogen bonds and 

van der Waals contacts.6 In addition, the entropic contributions of surrounding water molecules are 

unfavourable when proteins are unfolded.6 Exposed hydrophobic residues restrict the movement 

of water molecules, leading to a partially ordered regions (“ iceberg water”). 6,8 This phenomenon 

is less prominent in the native state as most hydrophobic residues are sequestered in the core. 

Although intramolecular H-bonds undoubtedly contribute to the stability of N,  unfolded proteins 

form extensive hydrogen bonds with water leading to enthalpic contributions that stabilize U.  6 

Overall, the delicate balance between entropy and enthalpy causes native proteins to be marginally 

stable with ΔG  typically less than 100 kJmol-1 .6  
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1.2.1 Thermal Protein Unfolding in Solution  

In thermal unfolding studies, proteins are subjected to gradually increasing temperature. 

The protein will unfold when the positive enthalpy change (ΔH in eq 1.3) can no longer 

compensate for the -TΔS term.6 The point where [U] = [N] (and ΔG = 0) corresponds to the melting 

temperature Tm.  Strictly speaking, both ΔH and ΔS are temperature dependent because unfolding 

is associated with a considerable change in  heat capacity (ΔCp>0).5,8 However, to a first 

approximation, this dependence can be assumed to be negligible near the transition midpoint.10,11,12 

In this approximation, plots of ΔG vs temperature are linear according to equation 1.3.  

Protein unfolding studies can utilize several tools to uncover thermodynamic parameters. 

For instance, differential scanning calorimetry (DSC) measures the heat capacity of a protein as a 

function temperature.9 Alternatively, changes in secondary structures can be monitored by circular 

dichroism (CD) spectroscopy, usually at 222 nm. This optical technique is commonly used to 

construct unfolding curves, that is, the fraction of unfolded protein f =[U]/([U]+[N]) as a function 

of temperature.6  Assuming a two- state model,  f is given by  

f = 
𝑒−Δ𝐺/𝑅𝑇

1+𝑒−Δ𝐺/𝑅𝑇
               (1.4) 

with ΔG from equation 1.3. Alternatively, by noting that ΔH-TmΔS = 0 (see equation 1.3) ΔG can 

be expressed as 

  ΔG = ΔH ( 1 −
𝑇

𝑇𝑚
 )              (1.5) 

As an example, Figure 1.3 provides plots that were calculated on the basis of equations 1.4 and 

1.5, with ΔH = 435 kJ/mol   and Tm = 359 K . 
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Figure 1.3. (A)  Fraction of unfolded protein as a function of temperature.(from eq 4). (B) Free 

energy profile of unfolding  (from eq 5) The x-intercept of ΔG(T) = 0 corresponds to Tm,  

highlighted by the vertical dashed line.  

 

 

 

 

 

 

 



6 
 

1.2.2 Chemical Denaturants 

 In chemical denaturation, proteins are usually exposed to urea or guanidinium chloride to 

induce unfolding. The concentration required to achieve complete unfolding is typically around 

8M for urea and 6M for guanidinium chloride.6 Despite numerous studies, the exact mechanism of 

action for these denaturants remains elusive. However, it is thought that both urea and guanidinium 

chloride increase the solubility of polar and non-polar side chains, reducing the magnitude of the 

hydrophobic effect.6 In other words, polypeptide chains appear to interact more favourably with 

denaturants compared to pure water. These interactions are maximized when the protein adopts an 

unfolded conformation.6 

Modifying equation (1.1) and (1.2), the stability of proteins can be expressed as   

ΔG = −RTln𝐾𝑒𝑞 = −𝑅𝑇𝑙𝑛
[𝑈]

[𝑁]
      (1.6) 

In the case of chemical denaturation, it has been found empirically that the free energy of unfolding 

is linearly dependent on the concentration of urea or guanidinium chloride6 

ΔG =  ΔG𝑤𝑎𝑡𝑒𝑟 −𝑚[𝐷]                 (1.7) 

Where ΔGwater is the free energy in absence of any denaturants and [D] is the denaturant 

concentration. Furthermore, m is the dependence of ΔG on [D] and is related to the change in 

solvent-accessible surface area of the protein upon unfolding. Hence, the most relevant parameter 

for describing protein stability is ΔGwater. This value is not possible to ascertain under native 

conditions, where the  concentration of  [U] is extremely small.6 Exposing the protein to an 

increasing concentration of chemical denaturants, spanning from 0M to 6M, allows 

experimentalists to determine ΔGwater  from  a linear extrapolation of ΔG vs D Figure(1.4) .6 Also 

it can be noted that  

Δ𝐺𝑤𝑎𝑡𝑒𝑟 =  𝑚[𝐷]50                     (1.8)             

Where [D]50  is a transition midpoint where [U]=[N] and ΔG =0 . Like in thermal unfolding studies, 

the transition midpoint is not necessarily correlated to the thermodynamic stability of the protein 

in the absence of denaturant. For instance, large proteins tend to unfold at lower denaturant 

concentrations.6  
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Figure 1.4. (A). Fraction of unfolded protein as a function of denaturant concentration from equation 

(1.4). (B) Free energy profile of unfolding from equation (1.5). The x-intercept of ΔG[D] = 0 

corresponds to [D]50, highlighted by the vertical line. ΔGwater  can be elucidated using equation (1.8) 

where m is the slope of the free energy profile.  
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1.3 Conventional Methods for Protein Structural Analyses 

There are several methods that can be utilized to study protein structures. These include 

ultra-violet visible absorption spectroscopy (UV-Vis), circular dichroism spectroscopy (CD), 

Nuclear magnetic resonance (NMR) spectroscopy, X-ray crystallography, and cryo-electron 

microscopy. Elucidating protein structure is a crucial aspect of protein chemistry as it is widely 

accepted that a protein function is dependent on its structure. This section will discuss fundamental 

aspects of these methods and highlight their pitfalls. 

1.3.1 UV-VIS Absorption Spectroscopy  

Absorption spectroscopy is a technique used to measure the interaction of protein-

associated  chromophores with electromagnetic radiation.13,14 Typical UV-Vis experiments utilize 

a spectrophotometer operating in the ultraviolet (150-400nm) and visible (400nm-800nm) 

range.13,14 The light is passed through a monochromator and is focused into a cuvette. The  intensity 

of the transmitted light is then detected by a photomultiplier tube.13 Photon absorptions by the 

chromophore can excite its electrons from their ground state to an excited state. This happens only 

if the energy of the photons matches the energy gap between those two levels. Hence, the 

wavelength and the intensity of absorption depends on the chemical nature and the molecular 

environment of the chromophore.13  For instance, proteins typically exhibit an absorption maxima 

between 275 nm and 280 nm due to aromatic amino acids (tyrosine and tryptophan).13 In addition, 

some proteins such as myoglobin contain heme cofactors that display absorption in the visible 

region around 400 nm, known as the soret band.  

The absorption of a chromophore is linearly dependent on its concentration C; thus, UV-

Vis spectroscopy is well suited for concentration measurements.13,15 The relationship between 

concentration and absorption can be described by the Beer Lambert law 

                    A = 𝑙𝑜𝑔
𝐼𝑜

𝐼
 = lc       (1.9) 

where A is the absorption of a chromophore, Io is the intensity of light, at measured wavelength, 

passing through a reference cell, while I is the intensity of light passing through a chromophore.  

is the molar absorptivity constant and is defined as how strong a chromophore absorbs light at a 

specific wavelength. Finally, l  is the length of the cuvette. Equation (1.9) conveys that absorption  

is directly proportional to concentration.   
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UV-VIS spectroscopy usually does not provide in-depth structural information.16 For example, the 

Soret band of myoglobin is red shifted when the heme Fe is reduced to Fe(2+), reflecting changes 

in the electronic structure of heme Figure(1.5).  

 

Figure 1.5. The absorption spectra of reduced myoglobin (Fe2+) in black and oxidized myoglobin 

in red (Fe2+). Reduced myoglobin has a maximum absorption at 435 nm while oxidized myoglobin 

displays a maximum peak at 409 nm. 

1.3.2 Circular Dichroism (CD) Spectroscopy  

 CD spectroscopy is one of the most utilized tools for studying protein structures and 

unfolding transitions. Linearly polarized light has an electric field that oscillates sinusoidally in a 

single plane.17 This wave can be visualized as a combination of two vectors of equal length, 

forming circular traces where one rotates clockwise (ER) and the other rotates counter-clockwise 

(EL). 17 In the CD spectrometer, these two components (EL and ER) are separated. When chiral 

molecules interact with circularly polarized light, they may absorb EL and ER differently.17,18 In CD 

experiments, a chiral chromophore is alternatively exposed to equal amounts of EL and ER of 

selected wavelengths, resulting in  a CD spectrum that represents the differential absorption (molar 

ellipticity) of a molecule.  

The amide backbone of proteins acts as a chromophore and shows differential absorption in the 

far-UV range(180-250nm).17 Importantly, proteins display characteristic CD signals depending on 
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the type of secondary structures they possess Figure(1.6). For example, α-helical proteins show a 

strong negative band near 222 nm due to n→ π* electronic transitions.19 In contrast, β-sheets 

display a negative band near 216 nm and a positive band near 200 nm.
19

 One application of CD 

spectroscopy is estimating the fraction of residues involved in α-helix or β-sheets.19 For instance, 

the α-helical content of a protein can be correlated with the CD signal at 222nm.19 This makes CD 

spectroscopy a reliable tool in protein unfolding studies, allowing practitioners to monitor changes 

in secondary structures and obtain thermodynamic parameters. However, this method does not 

provide site-specific structural data and needs to be complemented with other techniques like NMR 

or X-ray crystallography for high resolution data.19 

 

Figure 1.6.  Characteristic CD signals for principal polypeptide secondary structures (α-helix, β-

sheets, and random coil). This was adapted from reference 20.  
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1.3.3 Nuclear Magnetic resonance (NMR) Spectroscopy  

NMR spectroscopy is a useful technique that can provide detailed structural information at 

atomic resolution and insights into protein dynamics. In general, NMR utilizes active nuclei or 

those with ½ spin nuclei, which possess magnetic dipoles capable of aligning with external 

magnetic fields.21 Once aligned with a magnetic field, the nuclei can adopt two conformations. 

One corresponds to the lowest energy level (parallel to the magnetic field), while the other 

corresponds to a higher energy level (anti-parallel to the magnetic field). Atomic nuclei under the 

effect of magnetic field (Bo) have a magnetization vector (M) that precess around an axis parallel 

to Bo (z-axis).21,22 The frequency of this precession (Larmor frequency) is specific to each 

nucleus.21 Consequently, nuclear excitation is achieved by applying a strong radio frequency field 

for a short period of time. As a result, the precession will shift away from the z-axis in the direction 

of the y-axis. After the pulse, only the magnetic field Bo acts upon M.21 The time signal induced in 

the detector coil through the precession of the x,y component fades away through relaxation.21 

This time signal is converted to a frequency signal through Fourier transformation.  

In contrast to optical methods, NMR provides information on the location of secondary 

structures within a protein sequence. For instance, 1Hα  chemical shifts can be used to identify 

regions of secondary structures where helical conformations produce upfield shifts and β-sheets 

produce downfield 1Hα chemical shifts.19 In addition, NMR techniques like 2D NMR and NOESY 

(nuclear Overhauser effect spectroscopy) have been proven useful in elucidating protein 

structures.23 Despite this, NMR spectroscopy has some drawbacks that can hinder protein 

structural studies. For instance, proteins larger than 30 kDa are usually investigated by using labor-

intensive methods like TROSY (transverse relaxation optimized spectroscopy) in conjunction with 

side chain deuteration, whereas the structure of smaller proteins can be elucidated using simple 

homonuclear 1H NMR experiments.23,24 

1.3.4 X-ray crystallography 

X-ray crystallography is commonly used for precise structural determination. Its great 

contribution to structural biology can be exemplified by the fact that most protein structures in 

the protein databank have been generated using this method. The basic principle of x-ray 

crystallography involves subjecting purified crystals, present at high concentrations, to beams of 

x-ray.25,26 The resulting diffraction patterns are then analyzed to generate a 3D map, representing 
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time and space-average of the electron density of a molecule.25  The refined model derived from 

the electron density map contains the cartesian coordinates for each atom. Despite its versatility, 

x-ray crystallography has many limitations. For instance, hydrogen atoms with lone electrons are 

not visible in electron density maps.25 Furthermore, x-ray crystallography requires prior 

knowledge of chemical entities present in the crystal, as it cannot distinguish between carbon, 

nitrogen, and oxygen.25 Another drawback is its inability to capture highly flexible regions due to 

poor electron density.25 

1.3.5 Cryogenic electron microscopy (cryo-EM)  

  Recent developments in electron microscopy coupled with advances in modelling 

softwares have established cryo-EM as a highly effective tool in biology.27 Similar to X-ray 

crystallography, Cryo-EM enables precise structural determination, generating 3D models at 

unprecedented resolution.27 Cryo-EM experiments begins with placing a molecule on a specialized 

grid and flash-freezing it in a thin sheet of amorphous ice. 2D images are obtained by applying a 

beam of electron that is accelerated down a microscope column and are scattered by the sample. 

These scattered electrons are focused into an electromagnetic lens.28 The resulting 2D images are 

incredibly noisy and yield little structural information. To enhance the resolution, a large number 

of projection images, featuring the molecule of interest in different orientations, are 

computationally averaged to generate a 3D model.27 This allows the construction of 

macromolecules with a resolution rivalling those obtained using X-ray crystallography. For 

instance, one study managed to determine the structure of ferritin (iron-storing protein) to a 

resolution of 1.24 Ao.29 Although cryo-EM has contributed significantly to structural biology, it 

remains inaccessible for many institutions due to the high cost associated with operating the 

instrument.27 Furthermore, the inherent structural flexibility of many macromolecules presents a 

challenge in achieving high-resolution models. However, advances in sample preparation 

combined with new algorithms may hold a potential for probing the conformational landscapes of  

such disordered molecules.27 
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1.4 Protein Chemical Labeling  

Many of techniques discussed above are quite time consuming and labor-intensive, and 

most of them are applicable only to highly ordered native protein structures in a certain size range. 

There is still a need for complementary techniques that can interrogate specific aspects of structure 

and dynamics, especially for proteins that are not amenable to the aforementioned high-resolution 

techniques e.g., because of a high degree of disorder, or their short lifetimes (in the case of folding 

intermediates).  

Chemical labelling of proteins in solution in conjunction with mass spectrometry (MS) fills 

an important niche in this context by probing solvent-accessible surfaces, conformational changes, 

and folding pathways.31 In other words, chemical labels function as sensors for perturbations in 

structure or dynamics.31 Changes in labelling behavior can be monitored by measuring protein or 

peptide mass shifts after exposure to the labeling agent.31 The three most common labeling 

methods are covalent labeling, covalent cross-linking, and H/D exchange.30 These three labeling 

techniques are somewhat complementary to each other, and one can benefit from combining 

different methods to gain high-resolution data.30 

Analysis of labeled proteins can be achieved by utilizing MS, which enables the detection 

of mass shifts associated with chemical labeling. One simple approach involves taking an intact 

mass spectrum of a labeled protein. This provides insights into the number of modifications 

generated by a labelling reagent. However, this simple approach offers no spatial resolution and is 

seldom used. Instead, chemically labelled proteins are usually enzymatically digested, and the 

resulting peptides are analyzed by MS.30 This method is typically used in conjunction with reverse-

phase liquid chromatography (RP-LC) where digested proteins are loaded onto a trapping column 

for desalting.30 Subsequently, peptides are separated on an analytical C-18 column and identified 

using MS. Tandem MS mapping allows for the determination of amino acid residues that have 

been labeled. Modified amino acids are identified by finding proteolytic peptides that differ in 

mass from a predicted value. 

Covalent labeling is used to tag surface-accessible side chains. Multiple approaches have been 

used in this context, some of which are highly specific for certain side chains whereas others are 

rather non-selective.32 One avenue to introduce these labels involves hydroxyl radical (·OH) which 

can be generated by a variety of methods, including Fenton reactions and laser induced 
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photochemical H2O2.
33  Exposure to ·OH results in the oxidation of side chains. Common oxidation 

reactions include the insertion of oxygen in aliphatic side chains, or the formation of a carbonyl 

groups.29 for example, the reaction of arginine with  ·OH  would yield a major oxidation product 

with a mass shift of -43 Da, resulting from the loss of a guanidino group and the formation of a 

carbonyl group. Furthermore, ·OH  is a nonspecific reagent where the extent of labelling is 

governed by solvent accessibility and the intrinsic reactivity of each amino acid.33  In contrast, 

amino acid-specific labels rely on the reactivity of specific functional groups. For instance, vicinal 

dicarbonyl compounds are used to label arginine, forming cyclic products.33 Arginine labeling is a 

very valuable probe in studying protein interactions as it is thought to be a key residue in protein 

interfaces.33 This can be attributed to the fact that arginine is involved in multiple types of 

favourable interactions like hydrogen bonds, salt bridges, and hydrophobic interactions. 

Applications of covalent labeling involve probing local domain structures for changes in solvent 

accessibility.33 For instance, protein-ligand binding can be probed using covalent labeling. In this 

approach, reactivity of side chains is compared in the ligand-bound  and free protein where the 

former is expected to have side chains that are protected from chemical modification due to solvent 

inaccessibility.34 

1.4.1 Protein Cross Linking  

Another labeling method involves covalently cross-linking spatially proximate side chain 

pairs. This method can provide distance constraints and reveal information on subunit topology.35 

Cross-linkers of various lengths and selectivity for functional groups have been designed to link 

different reactive groups over defined distances.35 

While covalent labelling and cross-linking can provide valuable insights into protein structure and 

dynamics, there is a general concern that these modifications can perturb protein structures.32,36 

Hence, there is great interest in developing labelling methods that are more ‘benign’. 
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1.4.2 Hydrogen-Deuterium Exchange 

Hydrogen-deuterium exchange (HDX) is one of the most popular protein labeling methods, 

it is widely believed that this method causes only minimal structural perturbations.37 For HDX 

experiments, proteins are incubated in D2O, and labile hydrogens (those bonded to oxygen, 

nitrogen, or sulfur) are exchanged with deuterium.38 HDX is typically used to monitor structural 

dynamics, binding events, or conformational changes.38 Backbone amide hydrogens in the protein 

backbone act as reporters, as they exchange for deuterium over various time intervals.21 The 

exchange rate can be monitored by mass shifts that manifest themselves as changes in isotopic 

distributions.39 Alternatively, HDX can be monitored using NMR where the amide proton signal 

disappears as it is exchanged with deuteron.40 Side chain hydrogens are not usually monitored as 

they undergo rapid back-exchange prior to detection.38 In native proteins, most backbone sites are 

engaged in hydrogen bonds. Thus, HDX occurs via transient opening/closing fluctuations that 

disrupt hydrogen bonds and provide access to NH sites.39 This can be represented by the widely 

accepted Linderstrøm-Lang model  

NHclosed 
𝑘𝑜𝑝
⇌
𝑘𝑐𝑙

NHopen 
𝐷20
→  
𝑘𝑐ℎ

 NDopen     (1.10) 

Here kop and kcl are the opening and closing rate constants, while kch is the intrinsic exchange rate 

constant, which is determined by steric and electronegativity effects of neighboring chains. In 

addition, temperature is shown to affect kch and should be controlled in HDX experiments.41 The 

ionization constant of deuterium oxide (KD2O) is correlated with the solution temperature, affecting 

the concentration of D3O
+ and OD-.41  A theoretical value for kch can be computed using the 

Arrhenius equation 

𝑘𝑐ℎ(𝑇) = 𝑘𝑐ℎ(293) 𝑒𝑥𝑝
−𝐸𝑎
𝑅
 (
1

𝑇
 −

1

293
)
      (1.11) 

In this equation, T refers to the experimental temperature, kch(293) is the intrinsic exchange rate at 

room temperature, Ea  is the activation energy, and R is the molar gas constant. Equation 1.10 

implies that kch increases 10-fold with every 22 °C increase in temperature.41 While this 

relationship appears to be maintained through a wide range of temperatures, it is important to 

consider that temperature likely affects the structure and dynamics of proteins. Another factor that 

governs kch is pH. Controlling solution pH (or pD) is fundamental to HDX experiments where the 

sensitivity of amide exchange rate is often utilized for analysis by MS.41 In typical HDX 
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experiments, proteins are labelled under near physiological conditions (pH 7).39,41 Under these 

conditions, labeling is fast which enables the probing of diverse protein motions. In contrast, MS 

analyses are typically carried out under acidic condition where the rate of HDX is quenched. This 

suppresses the loss of deuterium label caused by the presence of H2O in subsequent steps. The 

dependence of kch on pH is approximated in Figure (1.7), which implies that HDX is quenched at 

pH 2.5. Other factors that affect chemical rate constant include pressure and ionic strength.41 

 

Figure 1.7. Dependence of the chemical rate constant (kch) on pH. This figure is based on reference 

41. 

In neutral solutions, HDX is base-catalyzed. In the commonly encountered EX2 regime, 

and proceeds with a rate constant kex described by  

kex = 
𝑘𝑜𝑝

𝑘𝑐𝑙
× 𝑘𝑐ℎ       (12 ) 

where kop << kcl. Amide hydrogens can exchange with kex = kch only if they are solvent-accessible 

and free from hydrogen bonding.39 Hence, the presence of secondary structure results in kex << 

kch. The extent of this reduction in the exchange rate can be expressed as a protection factor P = 

kch/kex.39 



17 
 

 HDX is often thought to cause minimal changes to the properties of native proteins, 

particularly when compared to the covalent labeling techniques discussed in the preceding section. 

Nonetheless, there is evidence that the substitution of H2O for D2O can affect some aspects such 

as  the thermal unfolding behaviour many proteins.37 (see Next section) 

1.5 Deuterium-Isotope Effects 

Water plays an important role during protein folding and for stabilizing the native state.6 

After all, one of the major factors that stabilizes native structures is the hydrophobic effect i.e., the 

tendency of nonpolar amino acids to get buried in the core where they are shielded from water.6 

Conversely, hydrophilic side chains are on the protein surface where they can favourably interact 

with water.6 Naturally occurring water, (H2O) contains protium (1H). In contrast, heavy water 

(D2O) contains deuterium (2H). Various experimental techniques like NMR and infrared 

spectroscopy utilize D2O as solvent since H2O interferes with the protein signal.39 In addition, 

HDX studies label proteins by incubating them in D2O.38 An important point that tends to be 

overlooked is that the physiochemical properties of D2O differ from those of H2O, and these 

differences may introduce a bias in structural studies. For instance, the substitution of H2O for D2O 

was shown to affect the melting temperature of several proteins, stabilizing their native fold by 

few degrees.37 The origins of this effect are non-trivial, but stabilization is typically attributed to 

two phenomena: (1) solvent effects caused by the different properties of D2O or (2) an increase in 

the hydrogen bond strength in D2O vs H2O. The following paragraph examines these factors in 

more detail.  

Several studies reported an increase in melting temperature Tm for proteins in D2O.37,43,44 

Some authors have proposed that heavy water stabilizes native protein structures by increasing the 

strength of the hydrophobic effect. This idea goes back to a study by Scheraga et al. in 1965.45 The 

authors analyzed the solubility of non-polar amino acids in both solvents and found that the free 

energy of transfer from H2O to D2O was positive (unfavourable). This indicated that heavy water 

is a poorer solvent for non-polar amino acids. Several calorimetry studies reported an increase in 

enthalpy of unfolding for proteins in heavy water.43 The molecular basis behind this change in 

enthalpy is difficult to pinpoint, as both hydrogen bonds and the hydrophobic effect have enthalpic 

contributions.44,45 
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Other studies attributed the enhanced stability of proteins in heavy water to an increased 

strength of deuterium bonds.46,47,48 For instance, calculations have shown that the zero-point energy 

of D2O is lower than that of H2O. This difference can be traced back to bending vibrations that 

displace the bridging atom away from the hydrogen bonding axis.43 The heavier mass of deuterium 

lowers the frequency of these vibrations, decreasing their zero-point energy. Furthermore, a study 

by Cuma et al. found that replacing a bridging protium atom with deuterium can increase the 

binding energy by 0.92 kJ/mol.46 This is consistent with observations that D2O reduces protein 

flexibility.46 Overall, the origin of protein stability enhancements in D2O is poorly understood. 

This is highlighted by a quote from a recent paper that stated “To the best of our knowledge, a 

reliable rationalization of the D2O stabilizing effect has not yet been provided, even though it has 

been proposed that heavy water stabilizes the N-state because it increases the strength of the 

hydrophobic effect”.50 

1.6 Mass spectrometry  

Mass spectrometry (MS) has become one of the most widely used tools in biochemistry. 

Its speed, sensitivity, and ability to discern coexisting species is advantageous for analyzing 

complex mixtures.30 The three main components of a mass spectrometer are the ion source, the 

mass analyzer, and the detector.  The ion source is the compartment where gaseous ions are 

produced. These ions are separated by a mass analyzer based on their mass-to-charge values 

(m/z) and are quantified by a detector.51 

Various ionization techniques are available for MS. For instance, electron ionization (EI) 

employs energetic electron beams that interact with gas phase molecules. The collisions between 

gaseous molecules and electrically accelerated electrons cause analytes to expel electrons, 

resulting in the formation of positively charged cations.51 While EI is a popular ionization 

method for GC-MS, it is not suitable for large non-volatile and thermolabile analytes such as 

proteins.51 Matrix assisted laser desorption ionization (MALDI) or electrospray ionization (ESI) 

is usually the standard for large biomolecules. In MALDI, ions are desorbed from the solid 

phase. The sample is first dissolved in a solvent and embedded in a matrix of UV or IR absorbing 

molecules.51 Subsequently, the sample is crystallized with the matrix and brought to the gas 

phase via a pulse of laser light that hits the sample-matrix crystal, leading to the desorption and 

ionization of the analytes.  In contrast, ESI produces gaseous ions by spraying a sample solution 
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under a high electric potential, resulting in in the formation of highly charged droplets (See next 

section).51,52 Both MALDI and ESI are “soft” ionization methods that transfer analytes into the 

gas phase without inducing unwanted fragmentations. 51 

A mass analyzer separates ions based on their m/z values. There are various mass 

analyzers that are commonly used in MS instruments. These include quadrupole (Q), orbitrap, 

time of flight (TOF), and Fourier transform ion cyclotron resonance (FT-ICR).51 These analyzers 

vary in term of resolution, price, and mass range. TOF analyzers will be the focus of this 

paragraph as it is used for this work. TOF mass analyzers rely on the flight of ionized ions in a 

tube of 1-2 meters in length where a short pulse of ions is accelerated by a fixed potential 

generated by a high-voltage pusher.51,53 The potential energy Epot of each ion is converted into 

kinetic energy according to equation 1.13 and 1.14 

   Epot = Ekin                                                      (1.13) 

   zeΔU = 
1

2
𝑚𝑣2                             (1.14) 

where z is the charge of the ion, e is the elementary charge, ΔU is the applied voltage, m is the 

mass of the ion and v is the speed of the ion. Equation 1.14 can be rearranged to   

v = √
2ΔUe

𝑚/𝑧
                                      (1.15) 

Equation 1.15 indicates that ions with lower m/z will reach the detector first. However, ions with 

similar m/z values might have slightly different kinetic energies, subsequently diminishing the 

resolution and broadening the arrival time of ions. This drawback is overcome by utilizing a 

reflectron which is a device that contains multi-stage electrostatic mirrors. The reflectron 

changes the paths of ions within the TOF such that ions with higher kinetic energy will travel 

further into the ion mirror (Figure 1.8).51,54 Hence, ions with the same m/z but different kinetic 

energies will reach the detector at the same time.54   

TOF mass analyzers usually employ a microchannel plate detector. A microchannel plate 

is made of semi-conductive materials and functions as a signal amplifier. Ions impacting the 

plate start a cascade of electrons that propagate throughout the channel. Hence, microchannel 

plates function as a dynode electron multiplier.55 The electrical signal produced by the impact of 
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the ion is then converted to a digital signal by an Analog-to-digital-converter, where intensity vs 

m/z distributions can be obtained.55 

 

Figure 1.8.  Schematic cartoon of  an ESI mass spectrometer. The TOF reflectron is magnified for 

visual aid. 

1.7 Electrospray Ionization  

The advent of soft ionization techniques such electrospray ionization (ESI) has enabled the 

characterization of proteins and other  large molecules involved in biological processes. In ESI,  

there are three major steps in the production of gaseous ions from an analyte in solution (Figure 

1.9).52 The ESI process occurs at atmospheric pressure, and the resulting ions enter the vacuum of 

the mass spectrometer.51,53 The ionization process starts with applying a voltage of +2-3 kV to a 

spray capillary, resulting in a high electric field at the capillary tip.52 This will cause water 

electrolysis, and the accumulation of a net positive charge as a result of excess H+ and other 

cations. All positive charges will be enriched near the meniscus, while anions will move away 

from the capillary tip.52 The resulting electrostatic forces distort the meniscus into a Taylor cone, 

and a fine jet emerges from the cone tip.52 The repulsion between charges in the jet causes it to 

break up into small, positively charged droplets. In the second stage, the charged droplets drifts 

towards the mass spectrometer which represents  the counter-electrode.52 Solvent evaporation leads 

to an increase in the electric field at the droplet surface. When the repulsion between charges 

overcome surface tension, Coulomb fission yields smaller droplets. This evaporation/fission cycle  

can repeat itself through several generations. The final steps involve the release of gaseous ions 
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from nanometer-sized droplets.52 The exact mechanisms of these final steps are still under debate. 

Several pathways exist, discussed below.    

 

 

 

  Figure 1.9.  The major steps of ESI  processes. This figure is based on reference 52.  
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1.8 Native ESI of Proteins  

Two common ESI conditions can be distinguished, referred to as “denaturing” or “native”. 

These conditions reflect the solution environment experienced by proteins within the ESI capillary, 

and on their way into the vacuum of the mass analyzer.56 Denaturing ESI is implemented by 

electrospraying proteins that are unfolded in bulk solution, usually by employing acidic pH and/or 

organic cosolvents.56 Such denaturing conditions generate [M+zH]z+protein ions with high charge 

states z. These protein ions are electrostatically ejected from the shrinking droplets according to 

the chain ejection model (CEM). Conversely, native ESI utilizes aqueous solutions at pH 7, 

generating protein ions in much lower z-values, close to the Rayleigh charge of protein-sized water 

droplets. Protein charge originates from small cations like Na+, H+. which are present in excess 

compared to their counterions.56 Protons are generated from water electrolysis at the metal/liquid 

interface of the ESI emitter. In contrast, metals such as  Na+ are ubiquitous in biological samples.56 

The charge state distributions can provide structural information on proteins in solution.56,56,57 

Protein ions under native ESI conditions likely form according to the charged residue model 

(CRM). This model postulates that ESI-generated droplets will undergo cycles of fission and 

evaporation until there is one analyte per droplet.30 Protein CRM is accompanied by the occasional 

ejection of charge carriers (such as Na+ ions ), keeping the shrinking droplets close to the Rayleigh 

limit. Furthermore, folded proteins remain in the droplet interior throughout the evaporation 

process. This reflects the tendency of polar side chains to maximize solvation by aqueous 

environment.56 Evaporation of the final water layers eventually releases protein ions into the gas 

phase, and  charge carriers that were still present during the final stages of evaporation associate 

with acidic side chains.56 
 Hence, Native ESI experiments are typically conducted in the absence 

of non-volatile salts to avoid adducts that may associate with titratable side chains.56 Ammonium 

acetate is usually the additive of choice for native ESI, allowing some background electrolyte to 

mimic physiological conditions. The compatibility of ammonium acetate with ESI experiments is 

attributed to its volatility as it evaporates during the final ESI stages without forming any adducts. 

NH4
+ that initially binds to the surface of a nascent protein droplet is thought evaporate as NH3, 

leaving a proton behind. Although ammonium acetate produces a pH 7 solution, it has very little  

buffering capacity in neutral solution.  
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 Inadvertent pH alterations during the ESI process can negatively affect the outcome of the 

experiment, causing proteins to unfold in solution prior to ESI. pH changes during the ESI process 

can be attributed to the water electrolysis  

2𝐻2𝑂 → 4𝐻
+ + 𝑂2 + 4𝑒

−        (1.16)  

Water oxidation is the main charge balancing process in positive ion mode, resulting in  

acidification of the droplets at the ESI emitter.57 The magnitude of this pH drop has been 

demonstrated to be significant from near-neutral range to pH 3.58 Additional pH changes can take 

place within the shrinking droplet. These pH changes are consistent with the CRM where initial 

droplets undergo cycles of fission and evaporation, and the pH decreases as droplets shrink.57  

These pH alterations can induce unwanted structural perturbation. For instance, several studies 

have reported discrepancies between solution and gas-phase behaviour for metal complexes, which 

was  attributed it to ESI-induced pH artifacts.59-61 Native ESI experiments and some of its 

considerations will be the premise of chapter 2.  
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Figure 1.10. The different Ionization mechanism for native and denatured. Native protein 

undergoes CRM where nascent droplets endure cycles of fission and evaporation with the 

occasional ejection of charge carriers like Na+ and H+. Evaporation of the final water layers 

release gaseous Ions with Low Z.  In contrast, denatured proteins undergo CEM. This is based on  

reference 56 
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1.9 Protein Structures in the Gas Phase 

Protein ions produced by native ESI retain conformations close to their native solution 

structures.30,62,63 This might be surprising because the aqueous environment represents a key 

stabilizing factor for native proteins.6 The lack of water might suggest that hydrophobicity is not 

a major contributor to protein stability in the gas phase.56 In general, there can be substantial 

differences between solution and solvent-free equilibrated structures. For instance, MD 

simulations have revealed that equilibrated gas-phase proteins can convert to “inside-out” 

structures, where hydrophilic residues assemble in the core, while hydrophobic residues are 

exposed to the surface.64 Such large-scale rearrangements involve breaking of multiple 

intramolecular interactions, which is energetically less favorable in vacuum. 64,65 (Figure1.11) In 

contrast, breaking of noncovalent contacts in solution is partially compensated for by formation of 

intermolecular contacts with water.64 Hence, transition states in the gas phase are quite high in 

energy, and the corresponding transitions tend to be slow.64 Experimental evidence suggests that 

gas phase equilibration where new noncovalent bond formation takes place may take up to minutes 

or hours.65 This shows that in the absence of collisional activation the structures of ESI generated 

ions are metastable and are more likely to resemble solution like structures.64,66 

Furthermore, the fact that electrosprayed protein ions carry a net charge z suggests that 

their internal electrostatics are dominated by repulsive forces.66  The change in dielectric constant 

from water ( ε ≈ 80) to vacuum ( ε ≈ 1) strengthens electrostatic interactions.66 This implies that 

hydrogen bonds between backbone atoms are largely retained. Additionally, salt bridges 

(zwitterionic BH+/A- contacts) should be much more stable in vacuo and may be a key contributor 

to the retention of protein compact structures.65 However, the mobile nature of  H+ can annihilate 

some of these zwitterionic contacts, such that  H+ transfer can convert salt bridges into neutral and 

weaker B0/HA0 contacts.67 Furthermore, comparisons of  protein crystal structure with MD 

generated structures of gaseous proteins revealed that titratable side chains formed a tightly 

connected network at the protein surface, involving numerous  hydrogen bonds among neutral 

moieties.67 This suggests that hydrogen bonds and electrostatic interactions likely play a major 

role in enhancing the kinetic stability of protein native-like structures after ESI. For instance, 

computational studies on cytochrome c have shown the formation of new electrostatic interactions 

between charged side chains such as protonated lysine or arginine and deprotonated glutamic or 



26 
 

aspartic acid.68-69 These electrostatic interactions result in the collapse of charged side chains onto 

the protein surface, an effect that may transiently stabilize the protein native fold in the gas phase.31 

 

 

Figure 1.11  Schematic free energy difference diagram in the gas phase. Protein chains are shown 

with hydrophobic residues (green) and hydrophilic residues (blue/red). Native-like structures are 

not thermodynamically stable. Instead, inside-out structures are intrinsically favored in the gas 

phase, but there are large activation barriers that prevent such transitions. This phenomenon  

is known as kinetic trapping.  
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1.10 Ion Mobility Spectrometry  

MS is often coupled with ion mobility spectrometry (IMS) to characterize biomolecular 

conformations in more detail.30 IMS separates gaseous ions based on shape and charge. In its 

simplest setup (drift-tube IMS) ions are introduced into a drift tube that is filled with an inert buffer 

gas, typically helium. Ions are then exposed to a uniform electric field, propelling them along the 

drift tube.30 Smaller compact ions undergo fewer collisions with helium, causing them to travel 

faster than bigger ions. Hence, the time td of an ion depends on its collision cross section (Ω).70  

The recorded td can be converted to Ω using the relationship. 

Ω = z × 𝐶 × 𝑡d                        (1.17) 

Where C is given by Mason-Schamp equation  

C = 
𝑒𝐸

16𝑁𝐿
(
18𝜋

µ 𝐾𝑏T
 )
1

2  
760 𝑇𝑜𝑟𝑟

𝑃

𝑇

273.2 𝐾
       (1.18) 

with the reduced mass µ, Boltzmann constant kB, gas pressure P, and elementary charge e.70 This 

method of determining collision cross sections provides structural insights into the structure of 

electrosprayed proteins in the gas phase. IMS offers a way to separate different protein 

conformations that cannot be resolved by MS alone.70  Thus, IMS has become commonplace in 

research with hundreds of publications every year. Much of the rapid growth of IMS is linked to 

the commercialization of a slightly different approach by Waters Inc. This technique is referred to 

travelling wave IMS (TWIMS).70  In this technique, ions pass through a series of stacked-ring 

electrodes, where radio frequency voltage is applied to radially confine the ions.63 In addition, 

transient DC voltage is applied to each electrode in succession, creating a travelling wave that 

propels the ions through a gas-filled mobility cell.70 Simply speaking, the ions “surf” on these 

waves. IMS separation is achieved when higher mobility ions are carried with the wave while 

lower mobility ions interact more strongly with the gas, resulting in the occasional roll-over events 

(Figure 1.11).70 Unfortunately, the nature of the periodic electric field distorts the relationship 

between Ω, and td as shown in equation 1.18.  

Ω = z × 𝐹 × 𝑡dB      (1.18) 

The constants  F and B cannot be calculated from first principles.71 Hence, TWIMS data have to 

be calibrated using drift tube reference values Ωref. This requires calibrants that exhibit similar 
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chemical properties as the analytes of interest. For instance, a calibrant mix of ubiquitin, 

cytochrome c ,and myoglobin is commonly used.71 TWIMS calibration is usually performed by 

exposing the calibrant mix to high collisional activation. Using gentle conditions may lead to 

systematic errors as it is unclear whether the calibrant ions in TWIMS and DTIMS share similar 

gas-phase conformations.71 The harsh conditions employed in calibration ensure that ions in both 

methods share similar expanded conformations, allowing the accurate determination of Ω .71 

 

 

 

Figure 1.12. (A) A stacked ring TWIMS device, where radio frequency of opposite phases is 

applied. (B) A cartoon plot where ions surf in front of a travelling wave as they move along the 

ion guide. Smaller ,more compact ions are carried with the wave while larger ions experience more 

drag from the inert gas and occasionally roll over the wave. 
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1.11 Collision Induced Unfolding  

Protein stability in solution can be studied using thermal or chemical unfolding 

experiments as discussed in section 1.2. Analogously, the stability of electrosprayed protein ions 

in the gas phase can then be monitored using collision induced unfolding (CIU). In this method, 

protein ions enter a collision cell with increased pressure and an acceleration voltage.10 The 

gaseous ions will accumulate internal energy due to collisions with background gas (usually 

Argon). If the collision voltage is high enough, protein ions can ultimately unfold.10 For the Waters 

Synapt IMS/MS system used in this current work, CIU experiments can be performed by varying 

the trap collision energy, and the resulting gas phase unfolding events can be detected by IMS.10  

It is an interesting question whether gas-phase stability correlates with the protein stability in 

solution. A number of studies revealed similar trends when comparing data obtained by the two 

approaches. For instance, ligand-induced stabilization in solution was mirrored in the gas phase 

for several small model proteins.72 However, the absence of solvent weakens the hydrophobic 

effects while strengthening electrostatic effects.66 This can lead to different stability trends in 

solution and in the gas phase.  
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1.12 Scope of this Thesis  

    Investigating protein structure is a fundamental aspect of molecular biology because 

protein function depends on its structure. There are many techniques that have made it possible to 

gain useful insights into a protein native fold and its thermodynamic stability. These include NMR, 

X-ray crystallography, optical spectroscopy, and microscopy. Unfortunately, these techniques 

provide low resolution data or are limited to small, ordered proteins. In contrast, Native ESI-MS 

and protein labeling have been used to study conformational dynamics and elucidate protein 

structure with resounding success.  

Chapter 2 describes some important aspects of native ESI. This chapter addresses how ESI 

can preserve the structure of proteins in the gas phase using very gentle conditions. In addition, we 

sought to  provide a framework that considers how several salt additives can affect native ESI.  

While ESI provide low resolution structural data, it is often heavily utilized in conjunction 

with protein labeling to gain atomistic insights into protein structure and dynamics. However, there 

is a general concern that labeling a protein might perturb a protein structure, introducing some 

unwanted bias. This is especially true when using covalent labeling methods. However, HDX 

labeling is often thought to be benign.  

 Chapter 3 scrutinizes the assumption that HDX labeling is benign and investigates the 

purported stabilization of deuterated proteins. We hypothesized that this stability is caused by 

either solvent effects or an increase in the strength of intermolecular hydrogen bonds. Hence, the 

stability of deuterated protein was probed in the gas and solution phase. Our findings indicate that 

deuterated proteins are stabilized in solution due to solvent effects as no stabilization was found in 

the gas phase. This implies that intermolecular hydrogen bonds remain unaffected  by deuteration.  
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Chapter 2 Considerations for Native ESI Experiments. 

2.1 Chapter 2 Introduction 

Native ESI-MS is a versatile tool capable of analyzing proteins, protein-ligand complexes, 

and large multimeric assemblies that cannot be probed using conventional methods.1-5 However, 

the question to what extent ionized proteins and complexes retain solution-like structures when 

transferred into the gas has been the subject of debate for decades.6,7  Several studies suggest that 

hydrophobic interactions are weakened in the gas phase, while ionic interactions are enhanced.8-13 

In addition, the fact that electrosprayed proteins carry a net charge z suggests that their internal 

electrostatics are dominated by repulsive forces.13-15 Despite this, a growing body of evidence has 

shown that ESI is capable of retaining noncovalent complexes, as long as gentle conditions are 

maintained throughout the ESI process and in the vacuum of the instrument.3,16-20 For instance, 

one study highlighted the ability of ESI to generate native-like structures for the 20 S proteosome 

(a large protein consisting of 28 subunits).21 Similarly, a recent study utilizing ESI-MS in 

conjunction with soft landing and electron microscopy (EM) managed to obtain a three-

dimensional reconstruction of the 800 kDa protein complex Gro-EL, providing direct evidence 

that non-covalent protein complexes are indeed preserved under native ESI conditions.7 The 

retention of solution-like structures is a remarkable phenomenon and is attributed to kinetic 

trapping, where large activation barriers prevent large-scale transitions on the timescale of typical 

ESI-MS experiments (Figure 2.1).13,22-24 In other words, protein ions generated by ESI are not 

thermodynamically stable; instead, they are metastable (kinetically stable).22 

The ESI process starts with production of electrically charged droplets that undergo 

multiple cycles of fission and evaporation at atmospheric pressure and ambient temperature.25,26 

Studies have found that ESI of native globular proteins proceeds through charge residue model 

where proteins are released from an evaporating nanometer-sized droplet containing one protein 

(Figure 1.10).27 When protein ions first enter the vacuum of the instrument, a drop in the pressure 

will result in adiabatic expansion, that is when ions gain translational energy at the expense of their 

internal energy.3,27,29 Indeed, computational experiments on cytochrome c have shown that in the 

absence of energy transfer gaseous ions undergo significant reduction in temperature.28,30 The rapid 

cooling of ions might suggest that formation of non-specific aggregates in the gas phase. In reality, 

however, inelastic collisions with gas molecules impart energy to gaseous ions. An additional 
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source of energy is blackbody infrared radiation from the instrument walls. This is achieved by 

employing a combination of heated desolvation gas and acceleration voltage offsets.3,29 Hence, the 

loss of internal energy is mitigated by collisions with background gas and infrared radiation.3 

Depending on the extent of heating, it is also possible to induce structural perturbations such as 

protein unfolding or even covalent fragmentation. Hence, it is important to keep the ion source 

somewhat activating to remove residual solvent molecules, but gentle enough to prevent unwanted 

structural changes. 

While the above discussion captures the ability of native MS to generate protein ions, it is 

important to note that inadvertent pH alterations during the ESI process can negatively affect the 

outcome of the experiment. Whether such pH changes affect the outcome of MS experiments is a 

subject of debate and depends on thermodynamic and kinetic aspects of the analyte in question. 

To mitigate this problem, buffers represent an obvious strategy for stabilizing the pH throughout 

the various ESI stages. Many  biochemical experiments are conducted in neutral buffer solution to 

stabilize pH.31 Such systems typically contain added background electrolytes to provide high ionic 

strength necessary for protein interactions. For instance, a typical solvent for traditional 

biochemical assays is 50 mM aqueous phosphate buffer, with 100 mM NaCl. Under physiological 

conditions, salts increases the dielectric constant of water, and stabilizing protein structures.31,32 

However, such nonvolatile solvents will negatively affect the ESI process, lowering the sensitivity 

and causing ion suppression.32-34 Furthermore, salt adduction broadens the mass spectral peaks, 

making it harder to resolve charge state distributions.32 These non-specific adducts are also 

consistent with the CRM, where analytes associate with  residual solutes as the droplet evaporate.33 

To circumvent these issues, experimentalists remove non-volatile salts through dialysis or ion 

chromatography.35-36 Instead, native ESI practitioners usually employ aqueous ammonium acetate 

(NH4Ac).37 The common use of this additive can be attributed to two factors: (1) NH4Ac 

decomposes into NH3 and acetic acid, which are volatile salts and do not form any adducts.38 (2) 

NH4Ac yields neutral pH when dissolved in water.31 The latter point may suggest that NH4Ac is a 

buffer. However, this is not the case as buffer solutions are composed of a weak acid and conjugate 

base.31 NH4Ac has very little buffering capacity at pH 7.00. This can be seen as the conjugate acid 

of Ac- is HAc, while the conjugate base of NH3
 is NH4

+. The pKa of acetic acid is 4.75 and that of 

NH4
+ is 9.25. Hence, the buffering capacity for NH4Ac is best suited for pH ranges that are ±1 
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units away from the pKa of NH4
+ and HAC (4.75 and 9.25). Figure 2.2 shows a titration curve of 

NH4Ac. The pH of a buffer can be readily calculated using the Henderson-Hasselbalch equation.39 

𝑝𝐻 = 𝑝𝐾𝑎 + 𝑙𝑜𝑔
[𝑐𝑜𝑛𝑗𝑢𝑔𝑎𝑡𝑒 𝑏𝑎𝑠𝑒]

[𝑐𝑜𝑛𝑗𝑢𝑔𝑎𝑡𝑒 𝑎𝑐𝑖𝑑]
        (2.2)  

The fact that NH4Ac is not a buffer at pH 7.00 has been largely ignored by the ESI-MS literature.34 

while the popularity of this additive seems to have no chemical basis, studies have suggested  that 

NH4Ac converts some acetate molecules to acetic acid. This implies that pH drop is not as dramatic 

as in pure water.31 

 

Figure 2.2. The titration curve for NH4Ac is calculated from equation 2.2. pKa (acetic acid)=4.75 and  

pKa(ammonium)=9.25. Colored regions indicate the buffering range of NH4Ac.  
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It is undisputed that ESI-MS remains a versatile tool for probing protein structure and function. 

Nonetheless, it is imperative for experimentalist to minimize structural perturbations as proteins are  

transferred from bulk solution into gas phase. This chapter will take a critical look at some of the 

parameters that can affect the outcome of native ESI-MS studies. These include collisional activation, 

pH drops, and buffer consideration. The aim of this work is to scrutinize common ESI workflows. 

 

2.2 Materials and Methods 

 

Materials and sample preparation: Equine heart cytochrome c (cyt c, 12360 Da), hen egg white 

lysozyme (14305 Da), bovine ubiquitin (8565 Da), and myoglobin (17,568 Da) were supplied by 

Millipore Sigma (St. Louis, MO).  All other chemicals were purchased from Thermo Fisher Scientific 

(Mississauga, ON). An AB15 glass electrode pH-meter (Fisher) was used for pH measurements. 

Protein stock solutions (500 µM) were initially dialyzed for 24 h against water for removal of salt 

contaminants using 10 kDa MWCO Millipore Sigma dialysis cassettes. Native protein was 

prepared at a concentration of 5 µM (10 µM for cyt c) in 10mM NH4Ac (pH 7.00). In contrast, 

denatured protein was prepared at a concentration of 5 µM in a mixture of 48% 

methanol:48%water: 2% acetic acid. Proteins with non-volatile salt additives were prepared in 1 

mM NaCl at pH 7.00. Finally, buffered proteins at pH 5.30 were prepared in a mixture of 

NH4Ac/AcH 

Mass Spectrometry.  ESI mass spectra were acquired on a Synapt G2 time-of-flight instrument 

(Waters, Milford, MA).  Protein samples were infused into a Z-spray interface at 5 μL min−1 using 

a syringe pump. ESI was conducted in positive ion mode with the capillary set to 2.5 kV. The 

desolvation gas and source temperatures were 30 and 40 °C, respectively. The level of in-source 

activation was controlled by adjusting the sample cone voltage between 0 V (“gentle”) and 100 V 

(“harsh”). Unless noted otherwise, the trap collision voltage (trap CE) was set to 4 V. Cluster 

signals in the experimental spectra were identified using isotope models generated on the 

sisweb.com server 
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2.3 Results and Discussion: 
 

2.3.1 Charge state Distributions and their Information Content  

Typical ESI spectra display a range of charge states, often in a Gaussian-like distribution. 

The observed charge states arise due to a combination of factors which involve: the availability of 

ionizable sites, Rayleigh limit, solvent accessible surface area (SASA), and Coulombic repulsion.3 

In most cases, excess charges are localized to basic amino acids (Lys, Arg, His, N-terminus).40 

Importantly, charge-state distributions can offer a glimpse into a protein’s solution structure. 

Proteins prepared in denaturing conditions will have a broad range of charge states.3 The interplay 

between charge states and compactness of structure has been illustrated in many studies.3,41-42 For 

instance, it was shown that thermally heated proteins can be monitored by following the shift of 

the average charge states.3,42 Figure 2.3 highlights this phenomenon by comparing myoglobin in 

native and denaturing conditions.  

 

Figure 2.3. ESI mass spectra of (A) native myoglobin in 10mM aqueous NH4Ac, (B) unfolded  

myoglobin in water: methanol: acetic acid in 49:49:2 ratio. Selected peaks are annotated with 

their charge states. Myoglobin dissolved in denaturing solvent (panel B) displays a broad  

distribution of highly charged ions, indicating an unfolded structure in solution.  
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Under native conditions, myoglobin adopts a compact structure which gives to a narrow 

range of charge states centered at 9+ (Figure 2.3 A). In contrast, denatured myoglobin adopts an 

expanded structure. The higher charge state distributions in Figure 2.3B do not reflect the solution-

phase titration state.43 Instead, high charged species are formed in accordance with CEM where a 

Rayleigh charged droplet releases a highly protonated polymer chain. Electrostatically driven 

interactions result in the transfer of protons into the chain that is being ejected.43 Similarly, the 

narrow range of m/z under native conditions is correlated with the ionization mechanism.43 

Globular proteins are ionized in accordance with CRM, where evaporating droplets remain close 

to the Rayleigh charge. In the case of a nanodroplet containing myoglobin, the Rayleigh limit is 

9.5, which is close to experimentally observed values.43 

The low charge states produced by native ESI can be disadvantageous for some 

experiments.25 For instance, ions with low z are not suitable for Fourier transform mass analyses, 

and they tend to be unreactive in top-down experiments.25,44 Hence, boosting a protein charge is 

important for such experiments. One alternative method to using denaturing conditions involves 

the use of supercharging agents like sulfolane (C4H8SO2). In this approach, proteins experience 

native solvent environment as they enter the ESI source.25,45 Experiments have shown that the 

addition of 1% sulfolane to solution shifts the maximum charge state of myoglobin from 9+ to 16+. 

28 The mechanism by which sulfolane boosts the protein charge remains controversial.25 However, 

computational studies have suggested a supercharging model where water evaporates more quickly 

than sulfolane, resulting in water-free protein/sulfolane droplets.25,46 This is followed by Na+ or H+ 

binding to the protein and slow sulfolane evaporation.25,46 Native ESI supercharging mirrors a 

CRM process where IEM ejections of charge carriers like Na+or H+  are suppressed, boosting the 

protein charge.25,46 Other charge state enhancement techniques can be used to boost a protein 

signal. For instance, it was shown that trivalent metal ions like La3+ can form multidentate contacts 

involving Asp- and Glu-.47 This chelation process is irreversible and precludes the ejection of La3+ 

from the droplet, resulting in the formation of charge-enhanced protein ions.47 
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2.3.2. Experimental Conditions for Native ESI 

The possibility of transferring proteins from bulk solution into the gas phase offers exciting 

opportunities for studying protein structure and dynamics.3 To preserve the native fold of a protein, it 

is crucial to properly optimize the ESI conditions.3,48 Very often it is observed that the ESI mass spectra 

of proteins acquired from different instruments show a degree of variability. These differences can be 

attributed to several instrument parameters which involve ion spray voltage, spray tip diameter, source 

geometry, source gas pressure, source temperature, sample cone voltage, and different ion optics 

voltages.3,48 Acceleration voltages are typically tuned to efficiently transmit ions and aid in 

desolvation.3 However, high acceleration voltage can lead to gas-phase unfolding. Furthermore, protein 

fragmentation or dissociation can also be observed at excessively high voltages.3 Under harsh ESI 

conditions, proteins build up sufficient internal energy from collisions with background gas, causing 

them to lose their native structure.3 Collision induced unfolding (CIU) and collision induced 

dissociation (CID)  have become a common technique for studying proteins. For instance, CIU is 

commonly used for studying protein stability in the gas phase, while CID is heavily utilized in 

proteomics to produce diagnostic peptides.3 Despite this, native ESI experiments should avoid 

excessive collisional activation to preserve the protein’s native fold.  

 

Figure 2.4. (A)  mass spectra of myoglobin at low activation setting (sample cone 5V). (B) mass 

spectra of myoglobin at high activation setting (100 V). Selected peaks are annotated with their charge 

state distribution. Under harsh ESI conditions, the heme dissociates from myoglobin which appears as 

a singly charged species at 616 m/z.     
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While analyte activation can occur at several points along the ion path, we chose to focus on 

the sample cone because it is the component closest to the ESI source and where structural 

perturbations may occur. An example of undesired protein unfolding is given in Figure 2.4. In these 

experiments, we chose myoglobin as it is non-covalently bonded to its heme group. Hence , myoglobin 

can serve as a probe for tuning the sample cone. Under gentle conditions (sample cone 5 V), myoglobin 

retains its native fold, where heme-protein interactions remain intact (Figure2.4 A). In contrast, harsh 

experimental conditions (sample cone 100 V) caused the ejection of the heme group, evident from the 

high intensity peak at m/z 616 (Figure 2.4 B). Also, the maximum intensity charge state of myoglobin 

is shifted from 9+ to 8+. This can be attributed to the fact that the heme group carries a 1+ charge. Our 

experiments revealed that low cone voltages are optimal for maintaining the overall native fold for 

globular proteins. High cone voltage can improve the sensitivity of the experiment but can cause 

significant structural perturbations.48 This was shown in another study where IMS was utilized to 

measure the collision cross section of myoglobin at low and high cone voltages.49 The data obtained 

this way demonstrated the prevalence of small Ω at low cone voltage, while high cone voltages 

displayed protein ions with larger Ω.49 

 While tuning the cone voltage is imperative for  native ESI, similar considerations have been 

used in other fields of chemistry. For instance, ESI of alkyl halides solutions generates salt clusters 

that are widely used for mass calibration.50 Of specific relevance are the effects of sample cone voltage 

on the dissociation and transmission of these clusters. Mass spectra acquired after electrospraying 10 

mM aqueous NaCl solution showed a wide range of salt clusters. The spectra were recorded using a 

moderate level of in-source activation with sample cone set to 75 V and low activation with sample 

cone at 0 V (Figure 2.5).  The gentle conditions provided by a cone voltage of 0 V resulted in a less 

efficient transmission of salt clusters through the instrument as some species displayed a noticeable 

drop in intensity compared to the harsh conditions. However, the use of a very low activation settings 

enabled us to capture doubly charged clusters (+2). Electrostatic repulsion renders these clusters 

increasingly unstable as their size decrease. Consistent with this limited stability is the fact that the 

smallest 2+ clusters (Na23Cl21
2+ to Na27Cl25

2+) were observable only under the most gentle conditions 

(Figure 2.5 B), while in-source activation caused their depletion. 50 
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Figure 2.5. Mass spectra acquired after electrospraying 10 mM NaCl in water (A) with moderate 

in-source activation (sample cone 75 V) and (B) under gentle in-source conditions (sample cone 0 

V). Selected peaks are annotated with their composition and charge state, that is, 1+ (black) and 

2+ (red). Included in panel A is the structure of the cubic Na14Cl13
+ MNC that dominates the 

spectrum (Na: blue; Cl, green). For better visualization, the Na2Cl+ signal in panel B was truncated 

at 50% 
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2.3.3. Chemistry of Ammonium Acetate  

Most proteins are stable in aqueous solution at near neutral pH. Hence, buffers can ensure 

a suitable pH in experiments.51
 Traditional buffers are not useful for ESI, causing non-specific 

adducts and signal suppression. NH4Ac is the additive of choice in native ESI experiments. NH4Ac 

can undergo proton transfer to form ammonia and acetic acid. The volatility of these products 

ensures that electrosprayed proteins are free of undesired adducts. The volatile nature of NH4Ac 

can be illustrated by direct comparison with NaCl in Native ESI-MS. Protein mass spectra 

generated with NaCl show extensive peak tailing due to the formation of heterogenous 

[M+zH+n(Na-H)+m(Cl+H)]z+
 adducts, illustrated in Figure 2.6 A for lysozyme. Figure 2.6 A also 

shows abundant chemical noise from salt clusters.52 In contrast, ESI of lysozyme in 100mM 

aqueous NH4Ac yielded clean [M+zH]z+
 signals with greatly reduced background noise (Figure 

2.6 B), highlighting the favorable properties of this volatile salt.53-55 

Electrospraying aqueous solution without an analyte is instructive as well. NaCl solution 

generated a range of NanClm
(n-m)+ clusters (Figure 2.6 C) resulting from association of Na+ and Cl- 

during the final stages of droplet evaporation followed by CRM release into the gas phase. This is 

in contrast to spectra obtained upon electrospraying aqueous NH4Ac, where NH4Ac cluster ions 

are unobservable (Figure 2.6 D). The m/z 77 signal in Figure 2.6 D corresponds to [M+NH4]
+ of 

acetamide, which is a contaminant in commercially supplied NH4Ac.56 
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Figure 2.6. ESI mass spectra acquired for aqueous pH 7 solutions. (A) lysozyme in 5 mM NaCl. (B) 

lysozyme in 100 mM NH4Ac. Charge states of protein ions are indicated as 7+, 8+, etc. (C) 10 mM NaCl. 

The composition of selected cluster ions is indicated. (D) 100 mM NH4Ac. The samples used for panels C 

and D did not contain any analytes other than the dissolved salts. 
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Even though NH4Ac is the most commonly used additive in native ESI, knowledge gaps 

persist for NH4Ac containing droplets. As mentioned previously, nascent droplets released from a 

Taylor cone are expected to be acidic. Such pH alterations can affect the outcome of experiments. 

Furthermore, the buffering capacity of NH4Ac in neutral solution is marginal, because the pKa 

values of both NH4 and HAc are more than two units away from pH 7. Although the dissolution 

of NH4Ac yields a neutral solution, this pH is labile.31 For instance, studies have shown that NH4Ac 

is likely to undergo acidification to pH 5.8 or lower in the ESI plume.31 To investigate possible 

structural perturbations resulting from this pH drop, it is useful to compare NH4Ac in neutral and 

acidified (pH 5.30) solutions using ESI-MS (Figure 2.7). The idea is that any pH artifacts caused 

by the droplet acidification in the early stages of ESI can be simulated by acquiring an ESI 

spectrum of proteins in a solution of NH4Ac at pH 5.30. Since NH4Ac can act as a buffer in this 

pH range, it is not expected for nascent droplets to undergo a further pH drop. Moreover, it is often 

expected for a droplet containing 10mM NH4Ac to have a pH = 4.75±1 upon analyte release. If 

the charge state distributions of both samples were similar, one can conclude that  ESI-induced pH 

changes in native ESI are not a major issue.  

Protein mass spectra generated with 10 mM NH4Ac at pH 5.30 (Figure 2.6 D-F) indicates 

that lysozyme, ubiquitin, and cytochrome c do not experience any major structural perturbation. 

This is evident as electrosprayed proteins at pH 5.30 display identical charge state distributions 

with proteins electrosprayed at pH 7.00 (Figure 2.6 A-C). Thus, our data demonstrates the 

usefulness of NH4Ac in native ESI experiments. While NH4Ac is not a buffer at pH 7.00, 

substoichoimetric acidification of the droplet at the early stages of ESI  converts a certain 

percentage of acetate into acetic acids. This stabilizes the droplet pH at 4.75±1. This acidification 

is significant enough to cause protonation of histidine but will leave the side chains of aspartate 

and glutamate negatively charged.  Our data (Figure 2.7) reveals that histidine protonation is not a 

major issue for the native fold of globular proteins. However, we cannot discern whether the same 

principle applies for larger protein complexes. We recommend practitioners to use 100 mM NH4Ac 

solutions where the concentration of Ac-/AcH will stabilize the pH at 6.50. In all cases, NH4Ac 

remains a useful additive in native ESI as it prevents the dramatic drop of pH in nascent droplets 
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that is observed in pure water (pH=1). In addition, NH4Ac can stabilize a protein native structure 

by serving as background electrolyte. 

 

Figure 2.7. (A-C) mass spectra showing the charge state distributions of ubiquitin, lysozyme, and 

cytochrome c in 10mM NH4Ac at pH 7.00. (D-F) mass spectra showing the charge state distribution 

of ubiquitin, lysozyme, cytochrome c and in 10mM NH4Ac at pH 5.30.  
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2.4 Conclusions 

Native ESI is an important tool in structural biology, that enables the transfer of proteins 

from bulk solution into the gas phase while preserving a native-like fold. However, practitioners 

should be aware of some limitations that can change the outcome of experiments. For instance, 

one should consider the various voltage offsets of the ion optics and account for additives suitable 

for ESI. In this work, we showed how charge state distributions can provide valuable information 

on the structure of proteins. Compact protein structures often display a narrow range of charge 

states. In contrast, unfolded proteins generate a broad range of charge states. This is attributed to 

a different ionization mechanism, i.e., the CEM as opposed to the CRM. Furthermore, our 

experiments reveal a simple approach to tune the sample cone voltage. Myoglobin with its weakly 

bound heme can serve as an indicator for measuring how activating experimental conditions are. 

Low sample cone voltages are less efficient in ion transmission and desolvation but ensures that 

the protein’s native structure remain intact. Finally, we aimed to clear up some uncertainties related 

to NH4Ac.  This additive has a number of attractive features that make it useful for native ESI 

experiments. For instance, its high volatility ensures that no protein adducts are formed. 

Furthermore, we showed that NH4Ac does not match the definition of a pH 7 buffer. Our data 

convey that ESI acidification of NH4Ac containing droplets does not dramatically alter the 

outcome of ESI experiments. Future work is expected to explore compatible physiological buffers. 

Another interesting approach is to use sub-micrometer nano ESI tips that can impart higher salt 

tolerance, but this approach is not widely used.57-58 
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Chapter 3 Effects of Hydrogen/Deuterium Exchange on Protein 

Stability in Solution and in the Gas Phase.  

3.1 Chapter 3 Introduction:  

Native proteins in solution are stabilized by numerous noncovalent contacts. Two key 

factors are backbone H-bonds that mediate the formation of secondary structure, and the 

hydrophobic effect which causes the clustering of nonpolar residues in the core.1-4 Salt bridges and 

van der Waals interactions play a role as well. Some proteins also possess disulfide bonds. 

Together, these interactions counteract the effects of conformational entropy, such that unfolding 

equilibria favor the native state N over the unfolded state U (ΔGU > 0 for N ⇄ U). However, 

stabilizing, and destabilizing factors are closely balanced, such that subtle alterations can have 

profound effects on the protein behavior.5,6 

Condensed phase techniques that provide atomically resolved protein structures include X-

ray crystallography, NMR spectroscopy, and cryo-em.7 Complementary insights come from MS-

based techniques, such as covalent labeling 8-10 and crosslinking.11-12 A concern with the latter two 

strategies is the possibility that covalent modifications can perturb the protein behavior, such that 

labeling or crosslinking patterns might not fully reflect the properties of the native state. This 

potential problem necessitates carful controls to ensure the absence of artifacts.11-13 

HDX experiments with MS or NMR detection represent another important tool for probing 

protein structure and dynamics.14-16 In these studies, the protein is incubated in D2O-based labeling 

buffer, triggering the exchange of N, O, and S-linked protium (H) with deuterium (D). HDX in 

exposed side chains proceeds on a sub-second time scale. H-bonded backbone sites exchange more 

slowly, requiring seconds to weeks at physiological pH.17 This slow backbone deuteration is 

mediated by dynamic protein motions.14-16 

Compared to covalent labeling or crosslinking, HDX is less intrusive. Many HDX studies 

implicitly assume that replacing H with D is completely benign and does not affect protein 

structure and dynamics.18 However, this is not necessarily true. Compared to H2O, D2O has a 10% 

higher viscosity, 10% higher maximum density, and 7 K higher temperature of maximum density.19 

These differences can affect the properties of H-bonded systems.20 A number of studies have 

reported that protein incubation in D2O stabilizes the native state, evident from an increased Tm
21-

24 and from a larger (more positive) ΔGU 
21-23 D2O can also enhance the rigidity of the native state.25 
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The origin 21,22,26 and extent 27 of protein stabilization in D2O remain controversial. Several 

studies have attributed D2O-induced stabilization to enhancement of the hydrophobic effect in 

D2O, i.e., a lower solubility of nonpolar side chains in D2O compared to H2O.23,28 This scenario 

may arise from stronger “H”-bonds among solvent molecules, i.e., stronger DOD··OD2 contacts 

compared to HOH··OH2.
28-31 Indeed, gaseous D2O dimers are more stable than H2O dimers, an 

effect that is related to shifts in the zero-point vibrational energy (ZPVE).32-34  

Understanding ZPVE effects on H-bond stability is not straightforward. A harmonic 

oscillator has ZPVE = ½hv with the frequency v = (2)-1 (K/m)1/2, where h is Planck’s constant and 

K is the force constant.35 Replacing a vibrating H-atom with D lowers ZPVE, because mD > mH. 

However, a lower ZPVE does not necessarily strengthen H-bonds. The enthalpy ΔHHB of H-bond 

dissociation XH··Y → XH + Y may increase, decrease, or stay the same upon deuteration. The 

direction and magnitude of the stability change depends on whether the bound or the unbound state 

experiences a larger ZPVE shift (Figure 3.1). The situation becomes even more convoluted in large 

systems with many vibrational modes, particularly in the presence of charges.36 In such cases, the 

stability trend can be reversed, making D-bonds more stable than H-bonds.37 It has also been noted 

that D- vs. H-bond stability differences are most prevalent at cryogenic temperature, while entropic 

factors diminish this difference under ambient conditions.38 In addition, the dissociation of some 

H-bonds often allows the formation of other H-bonds, e.g., when backbone NH··OC contacts are 

replaced with water-protein bonds upon unfolding.6 In summary, the mechanism of protein 

stabilization in D2O remains elusive, although the purported higher stability of D-bonds vs. H-

bonds features prominently in most explanation attempts. 
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Figure 3.1. Schematic illustration of possible deuteration-induced effects on the H-bond strength 

ΔHHB. (A) ΔHHB prior to deuteration. (B) Deuteration lowers the ZPVE of both energy levels 

equally; ΔHHB remains unchanged. (C) ZPVE of the bound state gets lowered more; ΔHHB 

increases. (D) ZPVE of the dissociated state gets lowered more; ΔHHB decreases. 

 

We propose that it should be possible to streamline the discussion of protein stabilization 

in D2O by dissecting H-bonds into three categories.39,40 (i) Water-water (W··W) bonds , i.e., 

DOD··OD2 vs. HOH··OH2; (ii) water-protein (W··P) bonds, i.e., D2O··protein vs. H2O··protein; 

(iii) intramolecular protein-protein (P··P) bonds, i.e., ND··OC vs. NH··OC. With only a few 

exceptions39,41, previous discussions focused on W··W bonds21-23,26,29-30 while ignoring the 

possible involvement of other factors. In particular, it has not been possible to uncover the 

relevance of P··P bonds, partly because many samples had either incomplete 23 or poorly controlled 

backbone deuteration.31,39,42,43 

The premise of the current work is that it should be possible to separate the role of P··P 

bonds from the solvent-linked contributions (W··W and W··P) by examining solvent-free proteins. 

Under native ESI conditions (non-denaturing solutions, minimal collisional excitation), solution-

like protein structures survive in the gas phase44-48 with retention of most backbone H-bonds.49-52 

The stability of these gaseous ions can be assessed in CIU experiments, where conformational 

changes are detected by IMS.53-60 Thus, comparative CIU experiments on deuterated and unlabeled 

protein ions should reveal whether the presence of ND··OC vs. NH··OC bonds stabilizes native 
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proteins. The observation of deuteration-induced stabilization in the gas phase would suggest that 

P··P bonds also cause stabilization of deuterated proteins in D2O solution. Conversely, the absence 

of deuteration-induced stabilization in the gas phase would imply that solvent-linked contributions 

(W··W and/or W··P) are responsible for the higher stability of proteins in D2O. 

By conducting thermal unfolding experiments on fully deuterated proteins in D2O and H2O 

solution, the current work confirms the existence of D2O-induced stabilization. However, 

deuterated and unlabeled gaseous protein ions generated by native ESI exhibited indistinguishable 

stability. We conclude that protein stabilization in D2O is caused solely by solvent effects.  
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3.2 Materials and Methods  

 

Materials and Sample Preparation. Equine heart cytochrome c (cyt c, 12360 Da), hen egg white 

lysozyme (14305 Da), and bovine ubiquitin (8565 Da) were supplied by Millipore Sigma (St. Louis, 

MO). D2O was from Isowater (Collingwood, ON). All other chemicals were purchased from 

Thermo Fisher Scientific (Mississauga, ON). An AB15 glass electrode pH-meter (Fisher) was used 

for pH measurements; “pD” values referenced throughout this work are glass electrode readings 

that were corrected according to pD = (pH meter reading) + 0.4.61 Protein stock solutions (500 µM) 

were initially dialyzed for 24 h against water for removal of salt contaminants using 10 kDa 

MWCO Millipore Sigma dialysis cassettes. Deuteration was performed by incubating protein 

samples in 99% D2O v/v at 42 °C for three weeks, at a protein concentration of 5 µM (10 µM for cyt 

c) at pD 5.3 in 10 mM D2O-based acetate buffer. Sodium acetate was used in optical experiments 

to ensure consistency with earlier unfolding experiments62, whereas ammonium acetate was used 

for ESI-MS. Unlabeled samples were treated exactly the same way, except that H2O was used in 

all steps instead of D2O. Control experiments revealed that D2O incubation periods beyond three 

weeks did not further enhance the deuteration percentage (data not shown). 

 

Unfolding in Solution. Thermal unfolding experiments were performed with circular dichroism 

(CD) spectroscopy detection on a Jasco J-810 instrument (Easton, MD) with a 1 mm cuvette using 

5 µM lysozyme and 10 μM cyt c. The ellipticity was measured at 222 nm (which reports on -

helicity63), while heating the solutions from 21° C to 100° C at 1° C min-1. Experiments in H2O 

were performed at pH 4.9 and pH 5.3, and in D2O at pD 5.3. All measurements were conducted in 

triplicate. Experimentally measured ellipticities θ for all temperatures T were converted to 

normalized ellipticity θnorm according to 

 

𝜃norm = 
𝜃 − θ𝑁
θ𝑈  −  θ𝑁

           (3.1) 

 

where ΘN and the ΘU are the ellipticity of the native protein at 21° C and the unfolded 

protein at 100° C, respectively. Thermodynamic parameters were determined by fitting the 

experimental θnorm profiles using 6,64 
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𝜃norm =
(𝑦𝑁 +𝑚𝑁𝑇) + (𝑦𝑈 +𝑚𝑈𝑇) exp (−

∆𝐺𝑈
𝑅𝑇 )

1 + exp (−
∆𝐺𝑈
𝑅𝑇 )

           (3.2)  

where 

∆𝐺U = ∆𝐻U (1 −
𝑇

𝑇m
)           (3.3) 

 

is the free energy of the N ⇄ U unfolding equilibrium, and ΔHU is the corresponding enthalpy. The 

(yN + mNT) and (yU + mUT) terms in eq. 2 represent the pre-and post-transition baselines. Fitting 

was done using Microsoft Excel Solver. From the fitted ΔHU and Tm parameters one can calculate 

the fraction of unfolded protein in solution fU_SOL as 

 

𝑓U_SOL = 
[𝑈]

[𝑁] + [𝑈]
=

exp (−
∆𝐺𝑈
𝑅𝑇 )

1 + exp (−
∆𝐺𝑈
𝑅𝑇 )

           (3.4) 

 

Keeping in mind that 0 = ΔHU - Tm ΔSU, the entropy of unfolding (ΔSU) is 

 

∆𝑆𝑈 = 
∆𝐻𝑈
𝑇m

           (3.5) 

 

Eqs. 1-5 are widely used for analyzing thermal protein unfolding in solution6,64, but the fitted 

parameters ΔGU, ΔHU, and ΔSU are only valid in the vicinity of Tm because this strategy does not 

consider the temperature dependence of enthalpy and entropy. 

 

Native Mass Spectrometry and Ion Mobility Spectrometry. ESI-IMS/MS experiments were 

performed on a Waters SYNAPT G2 instrument in positive ion mode (Waters, Milford, MA) with 

the ESI capillary held at 2.8 kV. Proteins in H2O or D2O solution were infused at room temperature using 

a syringe pump at 5 μL min-1. Temperatures and voltages were adjusted to ensure minimum thermal 
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and collision excitation during ion sampling (source 30 °C, desolvation gas 40 °C, sampling cone 

5 V, extraction cone 3 V). For a full list of instrument settings, see Table S1.  

CIU was performed after quadrupole selection of the most intense charge states for each protein. 

Collisional excitation was implemented by varying the trap collision voltage Vtrap between 2 V and 

70 V with Ar as a collision gas. To ensure that unlabeled and deuterated protein ions experienced 

collisions with equivalent center-of-mass translational energies ECOM, we used the relationship ECOM = 

ELAB mAr/(mprot + mAr) ≈ ELAB mAr/mProt where mAr is the mass of Ar, mprot is the mass of the protein, and 

ELAB = z × e × Vtrap is the laboratory-frame translational energy.65,66 Accordingly, Vtrap was increased for 

deuterated samples by a factor of mprot(deuterated)/mprot(unlabeled). For example, excitation of unlabeled 

ubiquitin (8565 Da) with Vtrap = 50 V is equivalent to excitation of deuterated ubiquitin with Vtrap = 50 

V × (8565 + 142)/8565 = 50.8 V. For simplicity, Vtrap settings will be reported as nominal values, i.e.,  

for the example used here, both the corrected and the uncorrected value would be given as “50” V.  

Protein conformational changes triggered by collisional excitation were probed by TWIMS 

with N2 as the primary buffer gas. TWIMS drift times were converted to effective He collision cross 

sections (TWCCSN2→He, referred to as “Ω” throughout this work).67,68 Average collision cross 

sections <> were calculated from the measured Ω distributions. The extent of CIU was quantified 

by calculating the fraction of unfolding in vacuum, fU_VAC, according to 

 

𝑓U_VAC = 
< Ω > − < Ω >𝑁
< Ω >𝑈 − < Ω >𝑁

           (3.6) 

 

where <>N represents the average collision cross section of the folded protein ions at Vtrap = 2 V, 

while <>U represents the average collision cross section of the unfolded ions at Vtrap = 70 V. All 

CIU experiments were performed in triplicate with independent Ω calibrations. Error bars 

represent standard deviations.  
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3.3 Results and Discussion 

In some cases, protein thermal stability assays in neutral solution can be challenging as 

unfolding takes place close to the boiling point of water. A common strategy for mitigating this 

problem is to lower Tm by mild acidification.62,69 The current work focused on cyt c, lysozyme, 

and ubiquitin. Our experiments were conducted at pH (and pD) 5.3, which is well within the 

stability range of these proteins at room temperature.18,70 Preliminary tests (not shown) revealed 

that thermal unfolding in solution was straightforward for cyt c and lysozyme at pH 5.3. However, 

ubiquitin is very resilient even at low pH62,71, such that we were unable to characterize thermal 

unfolding of this protein in solution. This high stability of ubiquitin has been attributed to its tight 

H-bonding network and compact hydrophobic core.71 The subsequent sections will therefore 

discuss solution data only for cyt c and lysozyme, while ESI-MS and IMS/MS results are shown 

for all three proteins. 

3.3.1 Native ESI Mass Spectra in H2O and D2O  

ESI mass spectra of cyt c, lysozyme, and ubiquitin acquired in H2O at pH 5.3 are depicted 

in Figure 3.2 (black traces). All three spectra show [M + zH]z+ ions in low charge states that are 

consistent with tightly folded solution conformations, as seen in earlier native ESI 

experiments.50.72-75 

Protein deuteration was performed as outlined in the Methods section, and the resulting 

samples were electrosprayed in D2O solution. The charge state distributions of the deuterated [M 

+ zD]z+ ions (Figure 3.2, red traces) were virtually identical to those obtained with unlabeled 

proteins in H2O. This high degree of similarity indicates that the release of protein ions into the 

gas phase and the associated charging mechanism(s) are insensitive to isotope effects. The extent 

of deuteration was measured from the most intense peaks in the spectra (insets of Figure 3.2). 

Deuteration percentages were determined using %D = (ΔMexp / ΔMmax), where ΔMmax is the 

maximum possible mass shift for complete deuteration of all exchangeable sites (backbone, side 

chains, termini, and the two heme propionates in cyt c; the cyt c N-terminus is acetylated).76 ΔMmax 

values for cyt c, lysozyme, and ubiquitin are 195, 255, and 144 Da, respectively. The average %D 

value obtained in this way was (96 ± 2.5)%. Considering that proteins can undergo some gas phase 

back exchange during ESI and ion sampling77,78, we conclude that the D2O labeling strategy used 

here generates proteins where all their labile hydrogens are deuterated. This is in contrast to several 
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earlier studies on proteins in H2O vs. D2O, where deuteration was incomplete, poorly controlled, 

or unreported.23,31,42,43 

 

Figure 3.2. Native mass spectra of (A) cyt c, (B) lysozyme, (C) ubiquitin electrosprayed in H2O 

solution (black, pH 5.3), and fully deuterated samples in D2O solution (red, pD 5.3). All samples 

contained 10 mM ammonium acetate. Selected peaks are labeled with their charge state. 
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3.3.2. pH Effects on Thermal Protein Unfolding.  

Prior to conducting comparative stability measurements in H2O vs. D2O, it is necessary to 

examine a potential source of artifacts. Like most earlier investigations, we used the relationship pD = 

(pH-meter reading) + 0.4 to prepare solutions with equivalent H+ and D+ activity.18,23-25,61 Thus, we 

matched samples at pH 5.3 and pD 5.3 (the latter having a pH-meter reading of 4.9). However, the 

appropriateness of this “+0.4 correction” has been questioned, prompting some studies to rely on 

uncorrected pH-meter readings in D2O.22,27,79 In other words, there is a possibility that protein 

stability comparisons in H2O vs. D2O might be skewed by differences in H+ and D+ activity. To explore 

the severity of this issue we examined the “worst-case” scenario, where the effective acidity differs by 

0.4 units. To this end, we initially performed stability measurements in H2O solution at pH 5.3 and pH 

4.9.  

CD-detected thermal unfolding curves of cyt c and lysozyme at pH 5.3 and pH 4.9 are depicted 

in Figure 3.3A, D. Visual inspection of the experimental and fitted θnorm data reveals subtle differences 

for both proteins upon changing pH by 0.4 units (black and blue in Figure 3.3A, D). However, 

closer analysis reveals that the Tm values of both proteins remain unchanged, within experimental 

error. Both proteins exhibit a slightly higher ΔHU at pH 5.3, but even this alteration remains close 

to the measurement uncertainty (Table 3.1). The fU_SOL profiles (Figure 3.3B, E) as well as the 

corresponding ΔGU(T) data (Figure 3.3 C, F) are nearly superimposable at pH 4.9 and pH 5.3. We 

conclude that the thermal unfolding behavior of cyt c and lysozyme is virtually identical when 

conducting the experiments at pH 4.9 and pH 5.3. In other words, the disputed validity22,27 of the 

“+ 0.4 correction” is not an issue under the conditions of this work. We therefore continued to rely 

on this correction throughout this work, consistent with most other studies in the field.18,23-25,61 

3.3.3 D2O-Mediated Protein Stabilization in Solution 

While numerous studies have reported that D2O enhances the thermodynamic stability of 

native proteins in solution21-25,28, there are also voices that have questioned existence of this 

effect.27 Instead of relying on these partially conflicting literature data, we sought to verify the 

occurrence of stability difference in H2O vs. D2O ourselves. 

CD-detected unfolding profiles of fully deuterated cyt c and lysozyme acquired at pD 5.3 

showed a notable shift to higher temperatures, compared to profiles measured at pH 5.3 (black vs. 
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red data in Figure 3.3A, D). The D2O-induced Tm increase for the two proteins was 2.0 K and 4.2 

K, respectively. Thermodynamic stabilization of both proteins is evident from an upward 

displacement of the ΔGU profiles in D2O relative to H2O (Figure 3.3 C, F), implying that the N ⇄ 

U equilibria were shifted toward the native state in D2O. This D2O-induced stabilization is 

consistent with the results of refs.21-25,28 Overall, the results of Figure 3.3 confirm that cyt c and 

lysozyme are more thermodynamically stable in D2O than in H2O. In contrast to some earlier 

studies, this result was obtained for samples that had well controlled (virtually complete) 

deuteration, as seen from the mass shifts in Figure 3.2. We also verified that the observed isotope 

effect is independent of possible differences in the H+ vs. D+ activity, as discussed in the preceding 

section. 

The free energy of unfolding is ΔGU = ΔHU – TΔSU, allowing us to determine the enthalpic 

and entropic contributions to D2O-induced stabilization. Table 1 reveals that D2O-exposure causes 

ΔHU to increase by 40 kJ mol-1 and 60 kJ mol-1 for cyt c and lysozyme, respectively. This enthalpic 

stabilization of the native state in D2O is in line with earlier reports.21-23 Interestingly, enthalpic 

stabilization is counteracted by a ΔSU increase in D2O of ca. 100 J K-1 mol-1 which destabilizes the 

native state. The occurrence of this enthalpy-entropy compensation in H2O vs. D2O has been noted 

earlier.27 However, the fact that ΔGU is more positive in D2O than in H2O (Figure 3.3C, F) implies 

that the stabilizing effect of Δ(ΔHU) > 0 dominates over the destabilizing effect of Δ(ΔSU) < 0. 

In the absence of additional information, it is difficult to interpret D2O-induced ΔHU and 

ΔSU effects of Table 3.1 because proteins in solution experience numerous intra- and 

intermolecular contacts, all of which have enthalpic and entropic contributions.6,22 In particular, it 

is not possible to unravel whether the D2O-induced net stabilization is related to solvent effects 

(W··W and W··P bonds, see Introduction), or by the strengthening of H-bonds within the proteins 

(P··P bonds). The gas phase experiments discussed in the following section help unravel this 

puzzle. 
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Figure 3.3. Thermodynamic analyses of cyt c (A-C) and lysozyme (D-F) thermal unfolding in 

H2O and in D2O solution. Colors denote pH 4.9 (blue), pH 5.3 (black), and pD 5.3 (red). Panels A, 

D show experimental CD unfolding profiles (dots) and the corresponding eq. 2 fits. Panels B, E 

depict the fraction of unfolded protein fU_SOL vs. temperature (eq. 4), while panels C, F show free 

energy profiles. Vertical dashed lines indicate Tm values in H2O. 
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Table 3.1. Thermodynamic parameters determined from thermal unfolding experiments (Figure 3.3) 

on cyt c and lysozyme in H2O and D2O solution. 
 

 cyt c lysozyme 

Tm 

(K) 

ΔHU 

(kJ mol-

1) 

ΔSU 

(J K-1 

mol-1) 

Tm 

(K) 

ΔHU 

(kJ mol-1) 

ΔSU 

(J K-1 mol-

1) 

 

 H2O 

pH 4.9 356.4 ± 0.5 380 ± 10 1070 ± 40 350.9 ± 0.5 290 ± 10 814 ± 40 

pH 5.3 356.4 ± 0.7 390 ± 20 1080 ± 70 350.2 ± 0.7 310 ± 10 920 ± 40 

 D2O pD 5.3 358.4 ± 0.5 430 ± 10 1190 ± 40 354.4 ± 0.3 370 ± 20 
1040 ± 30 

 

3.3.4 Unfolding of Unlabeled and Deuterated Proteins in the Gas Phase.  

We examined the CIU behavior of the most intense protein ions generated by native ESI, 

i.e., cyt c 8+, lysozyme 8+, and ubiquitin 6+. IMS profiles were acquired for Vtrap values between 

2 V and 70 V. Gas phase collisional excitation triggered large-scale unfolding, evident from shifts 

of the IMS distribution to higher  (Figure 3.4). For Vtrap values beyond 65 V the spectral quality 

started to deteriorate as a result of collision-induced dissociation. 

CIU of cyt c and ubiquitin proceeded via semi-unfolded intermediate structures, evident 

from features in-between the most compact and the fully unfolded species (e.g., Figures 3.4C, K). 

In contrast, lysozyme CIU took place without distinct intermediates. The relative increase in <> 

during CIU was smaller for lysozyme (21%) than for cyt c (49%) and ubiquitin (38%). This 

behavior reflects the presence of four disulfide bridges that limit the conformational freedom of 

unfolded lysozyme.80 In contrast, neither cyt c nor ubiquitin possess disulfide bridges71,76, allowing 

these two proteins to adopt more expanded conformations after CIU. Overall, the gas phase 

unfolding behavior seen in Figure 3.4 for all three proteins agrees with previous native IMS/MS 

data on proteins electrosprayed out of H2O solutions 56,59,81 

A key result of our CIU experiments is that unlabeled and deuterated protein ions exhibited 

IMS data that were virtually indistinguishable from one another throughout the entire range of Vtrap 
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values, evident from the overlapping black and red profiles in Figure 3.4. Numerous additional 

Vtrap values were tested, and these data were compiled into fU_VAC profiles that reflect the extent of 

gas phase unfolding (Figure 3.5). These fU_VAC data reaffirm that the CIU behavior of all three 

protein ions is independent of their deuteration status. The insensitivity of gas phase protein 

unfolding to isotope effects (Figures 3.4, 3.5) is in striking contrast to the behavior in solution, 

where deuteration significantly stabilizes the native state (Figure 3.3)21-24. It appears that this is the 

first time that the CIU behavior of unlabeled vs. deuterated proteins has been compared directly. 

3.3.5. Implications of H-Bonds vs. D-Bonds for Protein Stability in the Gas Phase.  

The compact gas phase conformers populated in native ESI experiments with minimum 

collision excitation (Vtrap = 2 V in Figure 3.4) retain much of their solution secondary and tertiary 

structure, along with preservation of most backbone NH··OC hydrogen bonds.44-47,49-52 

Additionally, these gas phase proteins form side chain H-bonds as part of salt bridge networks on 

the protein surface.49,51,82,83 CIU of these compact protein ions generates significantly expanded 

conformers that have lost much of their secondary and tertiary structure, and were most backbone 

and side chain H-bonds (D-bonds) have been disrupted or rearranged.84,85 Our CIU data reveal that 

there is no stability difference in unlabeled vs. deuterated proteins, implying that the dissociation 

energy of P··P bonds in gaseous protein ions is not affected by the bridging atom (H vs. D). This 

finding does not support the view that D-bonds are generally more stable than H-bonds.32-34 

Instead, our data suggest that P··P bonds behave in accordance with the scenario of Figure 3.1 B. 

D-induced stabilization has previously been found to be most prevalent in systems that are very 

small and neutral, such as H2O dimers.37 Thus, the absence of deuteration-induced stabilization in 

electrosprayed protein ions (i.e., large systems with a net charge) is not completely unexpected. 
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Figure 3.4. CIU data, displaying collision cross section () distributions for unlabeled (black) and 

deuterated (red) gaseous protein ions at different levels of collisional heating. The trap collision 

voltage Vtrap is indicated in each panel. (A-D) cyt c 8+, (E-H) lysozyme 8+, and (I-M) ubiquitin 

6+.   
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Figure 3.5. CIU profiles of deuterated vs. unlabeled (A) cyt c 8+, (B) lysozyme 8+, and (C) 

ubiquitin 6+ ions generated by native ESI. The profiles were calculated from  values acquired at 

different Vtrap, with subsequent normalization via eq. 6. 

 

 

3.3.6 Dissecting Isotope Effects on Protein Stability.  

Toy models can illustrate basic protein concepts.5,86 Here, we use a two-dimensional lattice 

chain model for examining a N ⇄ U equilibrium in solution (Figure 3.6). Within the model, water 

molecules (blue spheres) can form up to four H-bonds, hydrophilic residues (red spheres) can form 

two H-bonds, while hydrophobic residues (green spheres) can form only one H-bond. We assume 

that for any protein structure, the system will form the maximum possible number of H-bonds, i.e., 

W··W, W··P, and P··P contacts. The number of H-bonds in each category is nWW, nWP, and nPP, 

respectively. The corresponding H-bond dissociation enthalpies are ΔHHB(WW), ΔHHB(WP), and 

ΔHHB(PP), all of which are positive (Figure 3.1). 
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Just like for actual proteins71,76,80, the native state in our model has a hydrophobic core and 

a hydrophilic exterior (Figure 3.6A). The total number of H-bonds in this structure is 110. 

Unfolding exposes hydrophobic residues to water, thereby lowering the total number of H-bonds 

to 108. Thus, the model correctly captures the fact that unfolding in solution leads to a net loss of 

H-bonds, a factor that contributes to the hydrophobic effect.6 Because D2O-induced protein 

stabilization is caused by enthalpy (Table 1)21-23, our discussion only focuses on ΔHU effects, while 

not examining ΔSU-related factors. ΔHU in our model is given by 

 

ΔHU = -ΔnWW ΔHHB(WW) - ΔnWP ΔHHB(WP) - ΔnPP ΔHHB(PP)    (3.7) 

 

Comparison of Figure 3.6A, B reveals that the number of P··P bonds decreases as the 

protein unfolds. These broken intramolecular contacts are then replaced with newly formed W··P 

bonds. Intrusion of the unfolded chain into the water network decreases the number of W··W 

bonds. These trends also apply to actual proteins,6 although the magnitude of the Δn terms is 

system dependent. For our model, ΔnWW = -9, ΔnWP = 14, and ΔnPP = -7, such that 

 

ΔHU = 9 × ΔHHB(WW) - 14 × ΔHHB(WP) + 7 × ΔHHB(PP)             (3.8) 

 

The data in Table 1 demonstrate that protein stabilization in D2O results from a shift of 

ΔHU to more positive values (Δ(ΔHU) > 0). Eq. 3.8 reveals that this stabilization may be caused 

by three factors, i.e., an increase of ΔHHB(WW), a decrease of ΔHHB(WP), or an increase of 

ΔHHB(PP). 

Which of these three possibilities is most likely? The CIU data of Figure 3.4, 3.5 show that 

ΔHHB(PP) is insensitive to isotope effects, such that this possibility can be excluded (Figure 3.1B). 

Early work indicated that D2O enhances the hydrophobic effect by lowering the solubility of 

nonpolar side chains, suggesting that ΔHHB(WW) increases in D2O (Figure 3.1C).28 However, 

subsequent studies found the opposite trend, i.e., higher or identical solubilities of nonpolar 

molecules in D2O vs. H2O.26 These later findings cast doubt on the traditional belief that 

ΔHHB(WW) increases in bulk D2O, even though this stability trend holds for isolated D2O 

dimers.32-34 
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A possible resolution of this conundrum is that ΔHHB(WP) decreases in D2O solution, a 

scenario that has not thus far been considered in the literature. While our data do not provide 

conclusive proof for weakened W··P contacts as the cause of protein stabilization in D2O, it 

appears that this scenario is consistent with all of the available data. As noted in Figure 3.1D, such 

a destabilization of H-bonds is well within the realm of possible outcomes after HDX.36,37 

 

3.4 Conclusions 

60+ years after its discovery,28 the stabilization of proteins in D2O remains poorly 

understood. In agreement with earlier work, we found that this stabilization is caused by enthalpic 

effects, i.e., a larger (more positive) value of ΔHU in D2O than in H2O.21-23 Like those earlier 

studies, we attribute this stabilization to changes in the dissociation enthalpy of H-bonds. While 

previous studies focused almost exclusively on W··W bonds,21-23,26,28-30 we took a broader 

approach and also considered the role of W··P and P··P bonds, because stability changes in all 

three categories can affect the protein behavior in D2O (Figure 3.6). 

 

Figure 3.6. Two-dimensional lattice bead chain model of a protein in water. (A) Native protein. 

(B) Example of an unfolded conformation. Hydrophilic (red) and hydrophobic (green) residues are 

linked by backbone bonds (solid black line). Termini are marked as “N” and C”. Blue spheres 

represent water. H-bonds are indicated as dotted lines of three types (W··W, W··P, P··P). The 
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corresponding nHB values are shown in brackets. Bonds around the periphery of the lattice were 

not included in the nHB counts.  

 

As far as we are aware, this work marks the first time that the stability of deuterated and 

unlabeled proteins has been examined in vacuo (although isotope effects on gaseous protein-ligand 

complexes have been explored earlier).87 Our CIU experiments revealed that the stability of 

gaseous protein ions is indistinguishable before and after deuteration, demonstrating that P··P 

bonds are insensitive to isotope effects. It can be concluded that protein stabilization in D2O arises 

either from strengthened W··W bonds, or from weakened W··P bonds (a combination of both 

scenarios is possible as well). Strengthening of W··W bonds has been favored in the earlier 

literature.21-23,28-30 However, weakening of W··P bonds seems just as likely, especially when 

considering the results of more recent solubility studies.26 Thus, while we cannot conclusively 

determine the mechanistic basis of protein stabilization in D2O, our results show that this 

stabilization is caused by the solvent, rather than H-bonds within the protein. 

For HDX-MS and HDX-NMR experiments, our results imply that exposure to D2O may 

alter certain aspects of protein structure and dynamics. The stability differences seen in our solution 

experiments were detected at relatively high temperatures, around Tm. Although typical HDX 

experiments use ambient temperature,14-16 there is great interest in using HDX/MS for high 

temperature measurements as well.88-89 D2O-induced stability enhancements should be taken into 

account for the interpretation of such high-temperature HDX data. It is likely that D2O-induced 

stabilization makes its presence felt already at room temperature, e.g., as a rigidification of the 

native state25, but more work is required to characterize the extent of these changes. Careful 

comparison of protein HDX and DHX kinetics90 are a possible way to explore this aspect in the 

future. 

Complementary to HDX in solution, gas phase HDX can probe electrosprayed proteins in 

a solvent-free environment.91-94 It is reassuring that our CIU data did not show any difference for 

the gas phase unfolding of deuterated and unlabeled protein ions, implying that gas phase HDX 

represents a truly “benign” labeling methods that does not perturb protein behavior in vacuo. This 

is in contrast to HDX in solution, where deuteration causes stability changes that are clearly 

observable. 
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Chapter 4 Summary and conclusion  

ESI-MS remains a popular technique for interrogating biological molecules. This thesis 

sheds light on some important aspects of native ESI and protein labeling. Native ESI has opened 

exciting avenues in biophysical and medicinal chemistry as the soft ionization afforded by ESI 

enables the analysis of large intact molecules and complexes.1 However, the extent to which these 

gaseous ions retain native like structures has been the subject of continuous debate.2 Proteins under 

denaturing conditions  generate [M+zH]z+protein ions with high charge states z.3 These ions likely 

form according to CEM where unfolded proteins are electrostatically ejected from a shrinking 

droplet.3 In contrast, native ESI utilizes aqueous solutions at pH 7, generating protein ions with 

low z. Protein ions formed by native ESI conditions likely form according to CRM where the final 

nanodroplets undergo evaporation to dryness.3 While Native ESI is a valuable tool that enables the 

characterization of biomolecules in the gas phase, practitioners should be aware of some of its 

limitations. 

In the second chapter, we aimed to explore the tuning of experimental parameters and 

address how ESI can be used to generate native-like structures. In addition, we discussed how 

various salt additives can affect the outcome of native ESI experiments. Our results demonstrate 

that Low sample cone voltages were found to be less efficient in ion transmission and desolvation 

but ensured that the protein’s native structure remained intact. Finally, we sought to clear up some 

misconceptions related to NH4Ac. Our data convey that ESI acidification of NH4Ac containing 

droplets does not dramatically alter the outcome of ESI experiments. 

Chemical labeling of proteins in conjunction with MS is a commonly used tool that 

provides insights into protein structure and dynamic.1 This technique is especially important for 

proteins that are not amenable to other tools like X-ray crystallography or NMR spectroscopy. The 

three most common labeling methods are covalent labeling, covalent cross-linking, and H/D 

exchange.1 While covalent labeling and cross-linking are thought to potentially perturb protein 

structures, H/D exchange is usually assumed to be a benign labeling method where proteins are 

incubated in D2O, and labile hydrogens are exchanged with deuterium.4 HDX occurs via transient 
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opening/closing fluctuations that disrupt hydrogen bonds and provide access to NH sites.5 Several 

studies reported an increase in melting temperature Tm for proteins in D2O. The origin of this effect 

is poorly understood. 3 

 Chapter 3 scrutinized the assumption that HDX is a benign labeling technique and 

investigated the purported stability of proteins when exposed to D2O.  The results of this study 

reveal that deuterated proteins are stabilized in solution. This was seen as cytochrome c was 

stabilized by 2 K, whereas lysozyme was stabilized by 4 K. Conversely, these proteins exhibited 

different behaviour in the gas phase, where no structural stabilization was observed. The absence 

of the solvent for electrosprayed proteins is expected to weaken the hydrophobic effect while 

strengthening any electrostatic interactions. The fact that no gas-phase stabilization was observed 

in cytochrome-c, lysozyme, and ubiquitin implies that protein stability enhancements in D2O arise 

from solvent effects brought about by the different physiochemical properties of D2O. This can be 

attributed to 1. Weaker W-P contacts or 2. Stronger W-W contacts.  

Future work: sub-micrometer nano ESI tips 

Electrospray tips with submicron emitters have the advantage of desalting ESI droplets 

from non-volatile salts. Sub-micrometer emitters can be made from borosilicate capillaries with 

very small diameters (in the μm range).6 When small-tip diameters are used for solutions 

containing high concentrations of non-volatile salts, desalting usually occurs spontaneously and is 

characterized by a drop in the total ion signal, resolved protein charge state-distributions, and a 

reduction in salt cluster.6 However, one of the major problems for such emitters is that they are 

easily clogged, degrading ESI efficiency.7 Hence, future work should be focused on fabricating 

emitters that have a reduced risk of clogging. This enables the spray of solutions containing typical 

biochemical buffers like phosphate or Tris buffers without compromising the quality of the spectra.   

Future work: HDX Silent Dynamics.  

Having studied the stability effects of labeling proteins with deuterium, subsequent work will focus 

on the shortcomings of HDX. Previous studies by Konermann et al. have shown that some major 

cytochrome c fluctuations cannot be detected by HDX.8 The occurrence of such dynamics 

illustrates that deuteration may not always provide a comprehensive view of protein dynamics. 

Hence, we aim to build on previous work by studying HDX-silent fluctuations in myoglobin. The 
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goal is to complement classical HDX models to account for transitions that are not (or weakly) 

coupled to changes in H-bonding.8 
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