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Abstract  

The incorporation of meniscus extracellular matrix (ECM) into a 3D printable bioink has the 

potential to promote tissue regeneration by providing biological cues that direct cell survival, 

proliferation, and lineage-specific differentiation. This study developed region-specific 

meniscus ECM bioinks and assessed their effects on the viability, retention, and 

differentiation of adipose-derived stromal cells (ASCs). A novel meniscal decellularization 

protocol was developed and demonstrated effective removal of cellular content and 

preservation of key ECM constituents. When incorporated into alginate-based bioinks, the 

decellularized inner and outer meniscus demonstrated cell-instructive effects supporting ASC 

retention, and enhancing differentiation towards a fibrochondrogenic phenotype when 

cultured with chondrogenic differentiation medium. These studies provide relevant new 

insight supporting that region-specific ECM can be harnessed to direct cell phenotype and 

function within tissue-engineered scaffolds.  
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Summary  for  Lay  Audience  

The meniscus is the most commonly injured structure in the knee joint. With a limited 

capacity for self-repair, injury often requires surgical intervention. Due to a lack of repair 

techniques, the leading procedure used in this treatment is the complete or partial removal of 

the damaged tissue, otherwise known as a meniscectomy. The meniscus plays an important 

role in ensuring the health of the knee joint, and therefore, its removal is associated with wear 

and tear of the joint that ultimately leads to the onset of osteoarthritis (OA). OA inflicts 

significant health and economic burdens on society, as it is the second most prevalent chronic 

condition in Canada. As such, there is a critical need for an effective treatment that promotes 

regeneration and restores the function of the meniscus. Three-dimensional (3D) bioprinting is 

a technique that can be used to fabricate customizable meniscus implants. However, one 

limitation of this approach is that the standard materials being used do not incorporate 

biological cues to direct cells in the repair process. This project focuses on incorporating 

meniscus-specific proteins and a regenerative cell population into a printable bioink. Overall, 

these proteins may enhance cell survival and direct the differentiation of the encapsulated 

cells to help regenerate injured meniscal tissues. This thesis developed a new protocol for 

isolating meniscus-specific proteins with minimal changes to their native characteristics. A 

modified liquid form of these proteins was then incorporated into a printable bioink with 

regenerative cells derived from human fat tissue. As a first step towards testing the potential 

of this therapy, gel beads were made from the protein-containing bioinks and cultured for 28 

days. For comparative purposes, an additional bioink that did not contain meniscus proteins 

was also cultured for 28 days. The results indicated that the incorporation of meniscus 

proteins into the bioink promoted the cells to remain inside of the beads and provided 

evidence that the regenerative cells were directed towards meniscus-like cells. These studies 

represent a key first step in developing a 3D bioprintable therapy to regenerate damaged 

meniscus.   
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Chapter  1    

1   Literature  Review    

1.1   The  Meniscus    

1.1.1   Structure  and  Function  

The menisci are a pair of crescent-shaped fibrocartilaginous structures that play a 

fundamental role in the knee. Historically, these tissues were once considered to be 

vestigial, however, they are now recognized as being essential for the proper function and 

health of the joint [1]. Each knee contains a medial and lateral meniscus positioned 

between the femoral condyle and the tibial plateau [2]. Macroscopically, healthy menisci 

appear white, smooth, and glossy [1].  

In most adult humans, the medial meniscus ranges from 40-45 mm in length and covers 

51-74% of the medial articular surface, whereas the lateral meniscus is 32-35 mm in 

length and covers 75-93% of the lateral articular surface [3], [4]. Though both structures 

are semi-lunar and wedge-shaped, the lateral meniscus is more rounded and exhibits 

greater variety in size and shape [5]. The main ligaments that anchor the menisci are the 

medial and lateral collateral ligaments, the transverse ligament, and attachments at the 

anterior and posterior horns [5] (Figure 1.1).  

Due to their unique anatomy, the menisci are highly specialized at enabling articulation 

between the femoral condyles and tibial plateau. Furthermore, the menisci reduce stress 

on underlying cartilage by converting vertical compressive forces to radial tensile forces 

[5]–[7]. The maintenance of the structural integrity of the menisci is crucial, as they must 

withstand the transmission of up to several times a person’s body weight between the 

femur and tibia [8]. In addition to providing joint stability, as well as facilitating load 

transmission and shock absorption, the meniscus also plays a vital role in supplying 

nutrition and lubrication to the knee joint [1].      



2 

 

 

Figure 1.1. Anatomy of the meniscus. Superior view of the meniscus anchored by horn 
attachments and surrounding ligaments. Abbreviations: ACL=anterior cruciate ligament, 
PCL=posterior cruciate ligament. Image obtained with permission from [5].  

1.1.2   Vascularization  and  Innervation  

During fetal development and shortly after birth, the meniscus is fully vascularized. 

However, at approximately 3 months of age, the menisci become increasingly avascular, 

suggesting that an abundant blood supply is required for early meniscal development [9]. 

At approximately 10 years of age, meniscal vascularization reaches full maturity, wherein 

only the peripheral 10-30% of the outer meniscus border contains blood vessels and 

nerves (Figure 1.2) [5]. This organization results in the formation of 2 distinct regions 

separated by a transitioning section. More specifically, the peripheral region that is 

relatively vascularized is termed the red-red zone, the inner completely avascular region 

is termed the white-white zone, and the middle transition region is termed the red-white 

zone [2]. The medial, lateral, and middle genicular arteries provide the major 

vascularization to the outer menisci [1].  The remaining portion of each meniscus 

receives nourishment via the diffusion of nutrients from the synovial fluid [1]. There is a 

direct relationship between the vascularization and self-healing capacity of the tissue, 

which predisposes the white-white region to permanent post-traumatic and degenerative 

lesions [5].  
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Figure 1.2. Regional variations in vascularization and cell types within the meniscus. 
The red-red region found in the outer periphery is well-vascularized. The innermost white-
white region does not contain vasculature. The white-red region serves as a transition zone 
between the red-red and white-white regions. The outer region of the meniscus contains 
fibroblast-like cells, whereas the inner region contains chondrocyte-like cells. Image 
obtained with permission  from [5]. 

1.1.3   Biochemical  Composition  and  Organization  

The meniscus has a unique three-dimensional (3D) ultrastructure and biochemical 

composition, which contribute to its complex mechanical properties. In the normal, 

healthy meniscus, water is the most abundant component, accounting for approximately 

70% of the total wet weight. The remaining 30% is a combination of organic matter 

including collagens (~75%), proteoglycans (~17%), cellular content (2%), adhesion 

glycoproteins (<1%), and elastin (<1%) [10]. The cells and macromolecules of the 

menisci exhibit a unique zonal organization that gives rise to the two distinct regions, 

inner and outer, which have varying biochemical composition and structure [11]. 

Collagens: Collagen fibers in the menisci are arranged in 3 distinct layers: superficial, 

lamellar, and deep. The superficial layer is a thin layer of randomly oriented fibers. In the 

lamellar layer, situated just below the superficial layer, most collagen fibers are also 

randomly oriented, with the exception of the peripheral portions, where they are oriented 

radially. In the deep zone, collagen fibers are mainly circumferentially oriented with a 

smaller amount of radially oriented fibers, called tie fibers [12]. In the inner region of 
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bovine meniscus, collagen comprises approximately 70% of the dry weight, of which 

60% is collagen type II and 40% is collagen type I. In the outer region, collagen type I 

makes up approximately 80% of the dry weight, with other collagen types (II, III, IV, VI, 

XVIII) present at less than 1% [1], [5], [13]. 

Proteoglycans: Proteoglycans are heavily glycosylated molecules consisting of a core 

protein with covalently attached glycosaminoglycans (GAGs) [14]. The main 

proteoglycan in meniscus is aggrecan [15]. GAGs within the extracellular matrix (ECM) 

are responsible for maintaining hydration and imparting a high capacity to resist 

compressive loads. The highest GAG content is found within the inner portion of the 

meniscus, which serves as the primary weightbearing area [1]. Specifically, in dry 

weight, the inner portion of the porcine meniscal body contains 8% GAG, whereas the 

outer portion contains only 2% [16]. In normal human adult meniscus, the GAG profile is 

comprised of chondroitin-6-sulphate (40%), dermatan sulphate (20-30%), chondroitin-4-

sulphate (10-20%), and keratan sulphate (15%) [1].  

Adhesion glycoproteins: Adhesion glycoproteins serve an important role in the meniscus 

ECM, although they only account for less than 1% of the dry weight. These bioactive 

components are responsible for binding matrix molecules to cells and other ECM 

components. The main adhesion glycoprotein present in the human meniscus is 

fibronectin [1], [17].  

1.1.4   Cells  of  the  Meniscus  

The meniscus contains a heterogenous population of cells. During early development, all 

meniscal cells present the same morphology, however, following tissue maturation, the 

cells display an obvious regional variation in phenotype and ECM production [9]. In the 

inner region, mature cells are round and surrounded by a cartilage-like ECM [18]. The 

notable abundance of collagen type II and GAG is similar to hyaline cartilage and the 

cells in this region are classified as “chondrocyte-like” or fibrochondrocytes [18]–[20]. In 

contrast, the cells located in the outer vascular portion of the meniscus are more similar to 

fibroblasts in structure and function, with a spindle-shaped morphology [17], [18]. The 

matrix surrounding these cells is more ligament-like, enriched in collagen type I, and the 
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cells in the outer region are classified as “fibroblast-like” (Figure 1.2) [5]. Based on the 

phenotypes and distribution of cells in the meniscus, the inner portion of the tissue 

possesses cartilage-like behaviour that contributes to the compressive properties, and the 

outer portion exhibits fibrous-like properties, which contribute to the tensile behaviour of 

the tissue [18].  

1.2   Clinical  Significance  
The meniscus is the most frequently injured structure in the knee joint and with a limited 

capacity for self-repair, meniscal injuries are one of the most common orthopaedic 

conditions requiring treatment through surgery [21]–[23]. Due to the lack of meniscal 

repair techniques, degenerative tears are often treated by partial or complete removal of 

the meniscus, otherwise known as meniscectomy. These procedures have been shown to 

alter the biomechanics of the joint, ultimately accelerating the onset of osteoarthritis 

(OA) by increasing wear and stress on the articular cartilage [6], [12].  

OA is a long-term chronic disease that is associated with pain, swelling, and the 

deterioration of cartilage in joints. According to the World Health Organization (WHO), 

OA imposes a substantial burden on society, as it is the eleventh leading cause of 

disability worldwide, with the knee being the most affected joint [24]. Specifically, OA is 

the second most prevalent chronic condition in Canada, affecting 14% of the adult 

population, and it is associated with a heavy financial burden on the Canadian health care 

system, costing approximately 4.4 billion dollars annually [25].  

1.2.1   Traumatic  and  Degenerative  Changes  to  the  Meniscus  

Changes to the meniscus can be classified into two main categories: traumatic and 

degenerative [24]. Traumatic lesions often occur in younger active individuals as a result 

of a sports-related injury or some form of excessive force to a previously healthy joint 

[24]. In this case, it is most common to observe longitudinal tears that are parallel to the 

circumferential fibers, as well as occasionally radial tears that are perpendicular to the 

circumferential fibers [26], [27]. In contrast, degenerative lesions develop slowly and 

typically involve horizontal cleavages, flap, or complex tears or meniscal maceration in 

middle-aged to elderly individuals [26]–[28].  
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Recently, researchers have identified differences in the gene expression of molecular 

markers of OA related to the tear pattern of injured meniscal tissues [29]. In this study, 

samples of torn meniscus were acquired from the white-white zone of 48 patients aged 

15-60 (37 with degenerative tears and 11 with traumatic tears) by partial meniscectomy 

and used for total RNA extraction and quantitative PCR. Most notably, it was found that 

interleukin-8 (IL-8), a cytokine that has been linked to OA, and chemokine ligand 6 

(CXCL6), involved in mediating neutrophil recruitment to inflammatory sites, along with 

the matrix metalloproteinases (MMP) MMP1 and MMP3, were expressed at significantly 

higher levels in traumatic tears compared to degenerative tears [29]. In contrast, collagen 

type I expression was significantly higher in degenerative tears. Interestingly, there were 

no differences between the gene expression of OA markers in tears of the medial versus 

lateral menisci [29].  

Additionally, calcification of the meniscus is a common finding amongst patients with 

OA and is thought to directly contribute to joint degeneration [30]. Specifically, basic 

calcium phosphate (BCP), which includes hydroxyapatite, octacalcium phosphate, and 

tricalcium phosphate, is the predominant form of crystals found within the menisci [30], 

[31]. The prevalence of BCP crystals in the synovial fluid of osteoarthritic knees has been 

found to be at least 60% [32]. Though the exact mechanisms through which calcium 

crystals contribute to OA are not fully understood, some in vitro studies support that BCP 

crystals can have many biological effects including the ability to induce cell mitosis, 

MMP secretion, and prostaglandin synthesis [33].    

1.3   Current  Clinical  Interventions    
The heterogenous nature of the meniscus gives rise to regionally-dependent healing 

properties. Specifically, lesions and tears to the outer vascularized tissue are able to heal, 

whereas there is a limited capacity for self-repair following damage to the inner avascular 

region, and medical intervention is often required. In fact, the surgical treatment of 

meniscal injuries is one of the most common procedures in the orthopaedic field [34]. For 

example, in the United States this accounts for over one million surgical procedures 

performed annually [34]–[36].  
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Meniscectomy: Due to a lack of repair techniques, meniscal injuries are most often 

treated by the complete or partial removal of the damaged meniscus, otherwise known as 

meniscectomy [22]. Previously, it was believed that removal of the meniscus would have 

no consequences as it was thought to be a vestigial structure within the knee joint. 

However, beyond the 1960s, long-term data following meniscectomy revealed 

subsequent complications including joint-space narrowing, altered biomechanics of the 

joint, and overall joint degeneration that accelerates the onset of OA [6]. Studies have 

shown that the complete removal of the meniscus results in a 40-70% reduction in the 

femur-tibia contact area, and a corresponding 100-300% increase in stress on the 

cartilage [37], [38].  

Following the recognition of these adverse effects, surgeons have resorted to the partial 

excision of the tissue in an effort to prevent further tissue damage and minimize changes 

to the joint [39]. Partial meniscectomies are typically effective at alleviating short-term 

clinical symptoms including pain and joint swelling [40]. However, even the removal of 

minimal tissue compromises proper joint function by altering the load-bearing and load-

distributing capacities of the meniscus [38], [39]. Furthermore, in a biomechanical study 

of partial versus total meniscectomies, it was shown that a linear correlation exists 

between the amount of meniscal tissue removed and increased stress on the joint surfaces 

[38]. This was further confirmed by other work that concluded knee function is inversely 

related to the amount of tissue resected [38]. Although the biomechanical changes to the 

joint following a partial meniscectomy are less severe, the procedure still leads to early 

cartilage wear and reduced functioning of the knee.  

Other surgical interventions:  In light of these findings, efforts have focused on 

developing techniques to repair damaged tissue, promote healing, and conserve normal 

joint function. A common method believed to fulfill these requirements involves suturing 

the torn tissue via an arthroscopic procedure [41], [42]. Briefly, surgeons insert a thin 

tube containing a camera and light into a small incision near the knee, allowing the 

surgeon to suture the torn tissue [41]. In addition to this traditional suturing method, other 

meniscal repair options include a range of meniscal fixators [42]. While these techniques 
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can be effective in the vascularized outer periphery of the meniscus, healing in the inner 

avascular region remains a challenge.  

To overcome the reduced healing capacity in the inner region, methods to promote 

vascular inflow to the damaged tissue have been investigated. One method involves 

creating vascular access channels from the outer to the inner region. This is done by the 

use of needles that penetrate the outer region of the meniscus and are subsequently 

directed inwards towards the damaged tissue. Ultimately, this creates pathways that allow 

for the ingrowth of fibrovascular tissue to the damaged area [42]. The generation of these 

tunnels requires extensive skill and precision, as the surgeon must avoid over-penetration 

of the tissue that can cause further damage [42]. Clinical studies on humans have shown 

that these channels can be effective at healing tears less than 2 mm but have also been 

shown to alter the highly specific organization of the meniscus fibers, which 

compromises its structural integrity [41], [43], [44].  

Alternatively, fibrin clot augmentation is another repair method in which an autologous 

fibrin clot is inserted into the site of the damaged tissue. This approach takes advantage 

of the platelet-rich matrix and associated biological factors provided by clots, which may 

act as chemical mediators to encourage tissue repair, as well as provide a structure on 

which this can occur [45]. Clots are typically prepared by obtaining a sample of the 

patient’s peripheral blood and physically manipulating it to promote coagulation. The 

resultant clot is then arthroscopically inserted into the site of injury [45]. A study 

performed by Arnoczky et al. surgically induced tears in the avascular region of 6 dogs 

and used fibrin clots to repair them. After 6 months, the injured area had been filled with 

tissue that histologically resembled fibrocartilage, though it was noticeably distinct from 

the adjacent uninjured tissue [46]. In humans, small scale studies with limited patients 

have reported complete meniscal repair [47], [48]. Nevertheless, there is a lack of 

standardization between protocols and therefore, most surgeons are reluctant to select this 

approach. 

A similar method of meniscal tissue repair involves the use of refined platelet-rich 

plasma (PRP). This technique delivers PRP extracted from autologous blood, which is 
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thought to be more concentrated in platelets and associated growth factors compared to 

fibrin clots [49]. Theoretically, PRP provides greater regenerative properties and the 

denser matrix is more easily manipulated into the knee. A recent study used the PRP 

method to treat meniscal tears that were induced in the avascular region of rabbit menisci. 

After 12 weeks, PRP delivered within a gelatin hydrogel was able to significantly repair 

defects compared to those treated with platelet-poor plasma within the same hydrogel and 

the hydrogel alone [49]. In humans, a study was conducted on 35 patients wherein 20 

received an arthroscopic repair and the remaining 15 received the same procedure with 

the addition of PRP. No improvements were noted in the PRP-treated group as Clinical 

outcomes and reoperation rate were similar [50]. Analyses focusing on larger sample 

sizes and the long-term effects of biomechanical properties of this intervention are still 

required.  

For complex meniscal defects that cannot be treated by conventional surgical techniques, 

meniscus allograft transplantation (MAT) has attracted increasing interest by surgeons 

[51],[52]. Clinical results indicate this procedure is effective at relieving pain and 

providing functional improvement to the joint in the short-term [52]. However, the 

reported success rates of MAT vary tremendously, ranging from approximately 12% to 

100% (mean 60%) [52]. A notable factor that may contribute to the success of a MAT is 

the method of graft preservation used. For example, some studies have shown that deep-

frozen grafts are less likely to elicit a negative and prolonged immune response due to 

lower cell viability and therefore, reduced immunogenicity when compared to fresh or  

cryopreserved grafts [53], [54]. In addition to the potential for disease transmission and 

eliciting a negative immune response in the host, other drawbacks to allograft 

transplantation include limited donor availability, and challenges associated with sizing 

and lack of customization of the grafts [55]. 

1.4   Regenerative  Interventions  Targeting  the  Meniscus  

Regenerative interventions targeting the menisci aim to restore the composition and 

biomechanics of the native tissue. In theory, a scaffold that mimics the native meniscal 

environment should be used as a method to deliver and/or support regenerative cells as 
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they direct tissue repair. Although some cell-free approaches exist, cell-based strategies 

are emerging as an attractive alternative to promote meniscal repair and regeneration 

[21], [40], [56]. The effectiveness of these strategies depends heavily on the reparative 

capacity of the cells and the efficiency of their delivery method [21].  As such, a 

considerable amount of research has focused on exploring the application of various cell 

types and corresponding delivery platforms to be used.   

In particular, mesenchymal stromal cells (MSCs) from bone marrow [57], adipose tissue 

[58], and synovium [59], as well as chondrocytes [55] and meniscal cells [60] have been 

studied. MSCs are an appealing cell source because they secrete a large variety of 

immunomodulatory molecules, and may contribute to the healing process within injured 

tissues through paracrine-mediated mechanisms [61]. Chondrocytes and meniscal cells 

are also of interest due to their ability to produce meniscus ECM [40]. However, there is 

no consensus on the optimal cell source due in part to a lack of comparative review, and 

every source has associated strengths and limitations.  

Scaffolds used in meniscal tissue engineering can be broadly classified as synthetic 

polymer scaffolds (e.g. polyurethane, polycaprolactone, polylactic acid, polyglycolic 

acid, polylactic co-glycolic acid), hydrogels, or tissue-derived scaffolds (e.g. collagen, 

hyaluronan, decellularized ECM)[5], [62]. Ideally, the scaffold used should be 

mechanically robust to support the knee joint and alleviate pain as tissue regeneration 

occurs. 

Synthetic polymers have advantages mostly related to their tuneability, mechanical 

properties, and virtually limitless supply, however, they lack innate biomimetic and 

bioactive properties [5]. The most widely researched synthetic meniscal scaffold is the 

cell-free polyurethane-based Actifit implant. It has been shown in vivo that this scaffold 

degrades over 4 to 6 years [63], during which time its porous nature is thought to allow 

for regrowth of the meniscus stemming from the native meniscal rim [64]. This implant is 

only available to patients who have previously undergone a partial meniscectomy. 

Several short-term studies have shown the safety and some tissue ingrowth, however, 

data beyond 5 years reports a high failure rate and there is no long-term data to suggest 
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the implant prevents joint degeneration [63], [64]. Additional research is required in this 

field to determine if synthetic polymer scaffolds are capable of influencing robust 

meniscal repair prior to scaffold degradation in vivo.    

Hydrogels are three-dimensional networks of natural and/or synthetic hydrophilic 

polymers that attract and retain large amounts of water. Hydrogels present several 

attractive features supporting their use in meniscal tissue engineering applications [15], 

[65]. Notably, they can be used for the delivery of cells and growth factors, they facilitate 

the diffusion of oxygen, nutrients, and waste in and out of the construct, and the highly 

hydrated environment can mimic features of the inner load-bearing region of the 

meniscus [66]. One recent study focused on an injectable alginate dialdehyde-gelatin 

hydrogel seeded with rabbit meniscal fibrochondrocytes [66]. When injected into an ex 

vivo porcine meniscus tear, the hydrogel became well-integrated into the tissue, as 

determined by histological staining, and supported cell retention, as determined by 

quantitative assessment of DNA content within the hydrogel [66]. While most current 

hydrogel research in the field presents preliminary work, hydrogels exhibit promising 

qualities like the capacity to support high cell viability and in many cases, minimally 

invasive delivery methods. 

Tissue-derived scaffolds can be further classified into two categories: ECM component 

scaffolds, which consist of purified forms of ECM macromolecules that can be applied 

alone or in combination through a bottom-up approach to obtain scaffolds with a well-

defined composition, or decellularized ECM scaffolds, which include a complex array of 

ECM components depending on their native tissue sources [5]. The collagen meniscus 

implant (Ivy Sports Medicine, Montvale, New Jersey), also referred to as the CMI, is a 

commercially-available ECM component implant composed of type I bovine collagen 

[51]. The CMI is a porous natural scaffold that may be seeded with regenerative cell 

populations and implanted into the meniscus, subsequently, allowing for cellular 

ingrowth and subsequent matrix deposition. Although patients have reported positive 

outcomes, such as pain alleviation, a number of drawbacks are associated with the CMI 

[67]. First, it is only an option for patients who have undergone partial meniscectomy. 

Second, scaffold shrinkage and shape incongruency are common following implantation. 
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Furthermore, the biomechanical properties of the implant do not reflect those of the 

native meniscus [68].  

Decellularized ECM scaffolds represent a promising approach to tissue regeneration. An 

increasing body of research provides evidence that these bioactive scaffolds promote 

tissue repair by providing biological cues that direct cell proliferation, migration, and 

differentiation [69]. To date, the use of meniscus ECM has predominantly focused on its 

incorporation into hydrogels [11], [70], [71]. These studies have reported enhanced 

upregulation of collagen type I and collagen type II expression, and GAG production, in 

bone-marrow MSCs that were cultured in chondrogenic differentiation medium in ECM-

containing hydrogels in comparison to controls without the addition of ECM [11]. 

Furthermore, the meniscus ECM-containing hydrogels have been shown to help support 

the cell survival of encapsulated MSCs, fibroblasts, and chondrocytes [11], [70], [71]. In 

theory, the use of decellularized meniscus ECM represents a tissue-specific bioactive 

platform that shows promise in providing cells with instructive cues to direct their 

response and augment meniscal regeneration [23]. However, as a relatively recent focus 

in the field of meniscus engineering, additional research is required to determine the most 

effective use of ECM in order to harness its capacity to promote tissue regeneration.      

1.4.1   Three-Dimensional  (3D)  Bioprinting    

Three-dimensional (3D) bioprinting, which involves the incorporation of cells and other 

biocompatible materials within a bioink, is emerging as a promising tool in regenerative 

medicine. Bioprinting holds the potential to modernize biological research and 

approaches to healthcare by enabling the design of functional living tissues ex vivo for 

use in applications including disease modeling and tissue engineering [72]–[74]. Most 

notably, 3D bioprinting allows for the production of personalized constructs with pre-

designed patterns, architecture, size, and material distribution [75]. More specifically, this 

customization can be achieved by acquiring magnetic resonance imaging (MRI) or 

computed tomography (CT) scans of the tissue of interest, which can then be used to 

model the overall volume and shape of the construct to be manufactured [76].  
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To date, 3D bioprinting has been used to create many scaffolds for therapeutic 

applications. Typically, bioinks are predominantly composed of natural or synthetic 

polymers, or some form of composite material. Common natural polymers used in this 

application are alginate, hyaluronic acid, gelatin, agarose, and nanocellulose [76]. In 

particular, alginate has been extensively studied and used in many biomedical 

applications due to its adaptability, low toxicity, relatively low cost, and mild gelation 

conditions [77]. Synthetic polymers that have been applied for bioprinting include 

polyesters, polyvinyl alcohol, polycaprolactone, and polyurethanes [76].  

 Over the past decade, several bioprinting technologies have been developed and are 

classified into three groups based on their printing technique: inkjet, microextrusion, and 

laser-assisted bioprinting [75]. Inkjet bioprinters are the most commonly used for both 

biological and non-biological applications. These systems use thermal or acoustic forces 

to eject drops of bioink out of the printer and onto a substrate that forms the final 

construct [75], [76]. Microextrusion bioprinters function using robotically controlled 

extrusion of a material through a head onto a substrate. Dispensing systems used in these 

printers are pneumatic or mechanical (piston or screw) [75], [76]. Lastly, laser-assisted 

bioprinting (LAB) is the least common method used to print biological materials. LAB 

uses a laser source to irradiate an absorbing layer coated with bioink. As the bioink 

evaporates, it reaches a receiving substrate in droplet form [75], [76], [78]. Advantages 

and disadvantages of each bioprinting mechanism are outlined in Table 1.1.    

Aspect Biosystems Ltd. is a Canadian biotechnology company that is commercializing a 

propriety microfluidic-based Lab-on-a-Printer™ technology for 3D bioprinting of tissues 

for regenerative medicine applications. Their innovative RX1 printers incorporate 

disposable microfluidic printheads containing microscale channels. This design allows 

for the extrusion of bioink and crosslinker in tandem, resulting in uniform polymerization 

as the materials exit the nozzle and, therefore, precise construct formation [79], [80]. 

Furthermore, Aspect’s printing technology enables rapid switching between biomaterials 

during the printing process, allowing for the creation of multidimensional and 

biologically relevant constructs [79]. Unlike alternative printing technologies, the RX1 

bioprinters only expose cells to low shear stresses to reduce cell death [79], [81]. Of 
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relevance to this project, Aspect Biosystems Ltd. is currently applying their innovative 

approach to bioprinting to fabricate polyvinyl alcohol-based meniscus implants [82].   

Table 1.1: Comparison of commonly-used bioprinting techniques. 

 Advantages Disadvantages References   

Inkjet  Fast printing speed; 
Relatively low cost; 
Widely available 

Frequent nozzle 
clogging; Non-
uniform droplet 
sizes; Low 
droplet 
directionality 

[75], [76], 
[78] 

 

Microextrusion Many materials may 
be printed; Greater 
spatial control than 
inkjet; Ability to 
deposit high cell 
density 

Slow printing 
speed; 
Intermediate 
cost; Lowest 
cell-viability due 
to extrusion 
pressure and 
increased gauge 
of nozzle  

[75], [76], 
[78] 

 

Laser-assisted Nozzle-free 
avoiding clogging; 
High control of ink 
droplets; Can print 
wide range of 
viscosities  

High cost 
printer; Potential 
for metallic 
particle 
contamination; 
Medium printing 
speed; 
Cumbersome 

[75], [76], 
[78] 

 

Three-dimensional bioprinting has proven to be widely successful in supporting cell 

viability and recreating the internal ultrastructure and external appearance of various 

tissues [83]. However, one limitation of current bioink formulations is that they lack 

biological cues that provide instruction for cell attachment, proliferation, differentiation, 

and ultimately, tissue regeneration [83]. Therefore, the addition of tissue-specific ECM, 

obtained by tissue decellularization, into bioinks is becoming an increasingly researched 
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topic and shows promise in enhancing biological activity within 3D bioprinted constructs 

[74], [83]–[87]. Based on these findings, it is speculated that the incorporation of 

meniscus ECM into a printable bioink may represent a more effective treatment.  

1.5   Decellularized  Tissue  Bioscaffolds    

1.5.1   Overview  of  Tissue  Decellularization  

Xenogenic and allogenic cellular antigens are recognized as foreign material to a host and 

in turn may elicit a prolonged inflammatory response or immune-mediated rejection of 

the implanted tissue. However, ECM components including the structural and functional 

proteins are generally well conserved across species and well-tolerated upon introduction 

in a new host [88]. Therefore, tissue decellularization is a method that aims to remove the 

cellular and nuclear content within a specific tissue, while preserving the native ECM 

composition and ultrastructure as much as possible. The extraction of cells and nuclear 

content requires unique methods tailored to the specific physical and biochemical 

characteristics of the tissue of interest [88]. To maximize cell removal and ECM 

retention, most decellularization protocols involve a combination of physical, chemical, 

and enzymatic treatments [88].  

Physical methods of tissue decellularization:  Physical methods for decellularizing tissue 

include freeze-thaw cycles, pressure, sonication, and agitation [88], [89]. Freeze-thaw 

cycles are used to lyse cells by the formation of ice crystals that disrupt cellular 

membranes. However, freeze-thawing needs to be followed by processes that can remove 

remaining cellular and nuclear materials such as extraction with detergent [88], [89]. 

Mechanical agitation, sonication, and the application of pressure are all methods that 

assist in the extraction of cellular components from the ECM by increasing the exposure 

of the tissue to other reagents [88], [89].  

Chemical methods of tissue decellularization: Chemical treatments used to decellularize 

tissues include hypertonic or hypotonic solutions, alkaline or acidic solutions, polar 

solvents, and detergents. Hypertonic and hypotonic solutions are often used in 

combination with a chelating agent, such as ethylenediaminetetraacetic acid (EDTA). 
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This combined treatment causes osmotic shock resulting in cell lysis and allows for the 

removal of cellular remnants by sequestering divalent cations that are necessary for cell-

cell and cell-ECM attachments [88], [89]. Treatment with hypertonic and hypotonic 

solutions is relatively gentle and is therefore used in combination with other treatment 

methods [88].  Alkaline or acidic treatments are used to solubilize cellular components by 

altering the pH of the tissue [90]. However, these treatments may cause extraction of 

soluble factors from the ECM, as well as hydrolytic degradation of biomolecules 

including collagens, thereby altering the ECM ultrastructure and mechanical properties 

[89]. Polar solvents, including alcohols, are effective at extracting and dissolving lipids 

from tissues, but may dehydrate proteins and cause matrix stiffening [91]. Lastly, 

detergents solubilize cell membranes and dissociate DNA from ECM proteins and are 

therefore widely used in tissue decellularization [92]. The use of detergents has been 

associated with the loss of proteins, GAGs, and growth factors. Further, the presence of 

residual detergent can cause cytotoxic effects both in vitro and in vivo [23], [88], [89].  

Enzymatic methods of decellularization: Enzymes that have been used in tissue 

decellularization protocols include proteases (e.g. trypsin and collagenase), nucleases 

(e.g. deoxyribonuclease (DNase) and ribonuclease (RNase)), and lipases. Proteolytic 

enzymes, such as trypsin, disrupt integrins thereby releasing cells from the ECM and 

partially digest dense ECM to promote greater penetration of other reagents [88]. Tissue 

exposure to proteases should be limited to minimize degradation of the ECM [89]. DNase 

and RNase degrade residual DNA and RNA following cell lysis, which reduces the risk 

of adverse effects upon implantation of the decellularized tissue [89]. In general, enzymes 

have been shown to possess immunogenic properties and must be extensively washed out 

following digestion [89].    

1.5.2   Methods  for  Characterizing  Decellularized  Tissue    

Following decellularization, it is imperative to characterize the tissue to verify the 

removal of cellular components and ensure the retention of ECM proteins and 

ultrastructure [93]. Within the field of tissue engineering, there is a critical need for the 

establishment of standard characterization methods and guidelines regarding the 
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acceptable amount of residual cellular debris to ensure that decellularized tissue scaffolds 

can be safely implanted into new hosts [69], [93].  

Tissue decellularization may be assessed using a variety of biochemical, microscopic, 

immunohistochemical (IHC), and histological techniques. To assess the presence of 

residual cells, cell nuclei may be visualized using 4’,6-diamidino-2-phenylindole (DAPI) 

staining [94], which is often coupled with DNA quantification using the Quant-iTTM 

PicoGreen® double-stranded (dsDNA kit) [95]. To assess the composition of the 

decellularized ECM, IHC and enzyme-linked immunosorbent assays (ELISAs) are 

techniques used to identify ECM components [93]. IHC is particularly useful for 

qualitative assessment of ECM marker expression and distribution, whereas ELISAs 

quantify the presence of target proteins. Mass spectrometry is also emerging as a key 

characterization method because a single experiment yields large-scale protein detection 

[93]. Lastly, biochemical quantification of GAG and collagen content may be analyzed 

using the dimethylmethylene blue (DMMB) and hydroxyproline assays, respectively 

[93], [96]. To further compliment these assays, GAGs and collagen may be visualized 

using histological techniques such as toluidine blue staining, which stains GAGs purple, 

and picrosirius red staining, which stains densely packed thicker collagen fibers red-

orange and thinner collagen fibers yellow-green [97]. Lastly, scanning electron 

microscopy is commonly used to visualize the ECM ultrastructure. 

1.5.3   Cell-Instructive  Effects  of  Decellularized  Tissues    

ECM is highly tissue-specific and demonstrates unique properties that can direct cell 

phenotype and function within the tissue [69]. Building from this knowledge, 

decellularized tissue bioscaffolds have been developed with the aim of directing cell 

responses and promoting tissue regeneration by closely mimicking the native tissue 

environment [69], [98]. 

Many research groups have shown that ECM-derived scaffolds are capable of regulating 

cell behaviour including cell survival and differentiation. Compositional properties may 

direct cellular processes through direct binding of cells to bioactive ECM components, or 

by the presence of ECM degradation products, called matrikines [69], [99]. Matrikines 
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are generated by enzymatic activity and their production is associated with the 

recruitment of host cells, and the modulation of cell adhesion, migration, and 

differentiation [100], [101]. Furthermore, fragments of some ECM products have been 

shown to upregulate MMPs, which can subsequently degrade ECM components, like 

GAGs, thereby releasing sequestered growth factors that act to regulate cell behaviour  

[102], [103].  

Each tissue type exhibits unique biomechanical properties that influence cell adhesion, 

proliferation, migration, and differentiation [69], [103], [104]. Cells sense mechanical 

forces through adhesion complexes, which in turn directs cell behaviour by the activation 

of signalling cascades [105]. The impact of decellularization protocols on the mechanical 

properties of native ECM is highly variable [69]. Therefore, there is a need for the 

refinement of protocols to minimize changes and better preserve biomechanical 

properties of the native ECM. 

The distinct structural properties of tissues are another key mediator of cell behaviour 

that may be important to conserve in the decellularization process [69]. In particular, this 

includes the basement membrane, which plays a role in guiding cell migration and 

growth patterns [106]. Additionally, since cells exhibit preferential binding to specific 

substrates, surface topography may be another factor to consider as it can influence host 

cell binding to the implanted material [107]. Furthermore, scaffold porosity should be 

considered to allow for nutrient and oxygen diffusion, as well as provide channels in 

which cell migration can occur, thereby influencing cell interactions that guide 

differentiation [108].  

1.5.4   Meniscal  Decellularization  Protocols    

The increasing rate of injuries to the meniscus and lack of effective repair techniques 

have led researchers to develop a variety of decellularization protocols for the meniscus. 

In 2017, Shimomura et al. developed a bovine meniscus decellularization protocol that 

processed the inner and outer regions independently [11]. This protocol mainly focused 

on the use of cellular extraction with the non-ionic detergent, Triton X-100, with an 

enzymatic digestion step using DNase and RNase. Following decellularization, a 
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significant loss in DNA content was quantified using the PicoGreen® assay. In the 

current study, this protocol served as a comparator because Triton X-100 is considered to 

be gentler than other ionic detergents such as sodium dodecyl sulphate (SDS) [109].  

Decellularization protocols targeting the meniscus have extensively employed the use of 

SDS [68], [71], [110], [111]. SDS is effective at extracting cells, however, it is also 

commonly associated with the denaturation of collagen, removal of GAGs and growth 

factors, and residual detergent may elicit cytotoxic effects [109]. Following treatment 

with SDS, meniscal decellularization protocols have reported extensive loss of GAG 

content [68], [110], [111], in some cases upwards of ~60% [68]. Furthermore, some of 

these studies have also reported altered mechanical properties associated with changes to 

the native collagen content [68], [110], [111]. The combined use of sonication and SDS 

treatment to decellularize meniscus was also reported in one protocol [110]. This study 

noted noticeable changes in ECM organization, altered mechanical properties, and 

significant loss of GAGs.  

Other protocols have incorporated the use of proteolytic enzymes including trypsin and 

collagenase [23], [112], [113]. These enzymes are known to degrade collagens and 

GAGs, ultimately affecting their bioactivity [88], [109]. The studies reported that GAG 

content was completely removed, and SEM imaging revealed altered ECM ultrastructure 

[112], [113]. Less frequently, meniscal decellularization protocols have used peracetic 

acid [112], which has been shown to denature proteins and strip tissue of growth factors 

[109].   

Building from these findings, this project focused on the use of the non-ionic detergent, 

Triton X-100, in addition to an enzymatic digestion using DNase and RNase, in an effort 

to maximize cell extraction while retaining native ECM composition. 

1.6   Adipose-derived  Stromal  Cells  (ASCs)    

In the late 1960s, research conducted by Friedenstein et al. first reported evidence of 

plastic-adherent bone marrow-derived mesenchymal stem/stromal cells (BMSCs) that 

were capable of expansion and differentiation towards osteogenic lineages [114]. This 
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work initiated further investigation into the procurement of other MSCs within adult 

tissues, ultimately leading to the discovery of numerous MSC tissue sources, with the 

three most commonly investigated sources being bone marrow, adipose tissue, and 

peripheral blood [115].  Although BMSCs have been extensively studied for MSC-based 

therapies, there exists notable drawbacks to their use including their low yield, with an 

estimated frequency of 1 BMSC for every 3.4 x 104 cells within the bone marrow 

nucleated cell population, and pain during collection [116].  For these reasons, adipose-

derived stromal cells (ASCs) are an attractive alternative. 

ASCs are obtained from subcutaneous fat stores in the body, which are readily accessible 

via minimally invasive procedures. It is common for ASCs to be harvested from 

procedures such as lipoaspiration or from tissue waste generated during elective breast or 

abdominal reduction surgeries. In comparison to bone marrow, adipose tissue can be 

collected in much larger quantities per single intervention. Furthermore, ASCs are 

notably more abundant than BMSCs, with approximatively 5 x 103 ASCs per gram of 

adipose tissue as compared to between 1 x 102 to 1 x 103 BMSCs per gram of bone-

marrow [117].  

Various protocols to isolate ASCs from adipose tissue exist and commonly include 

mechanical processing, enzymatic digestion, and separation steps using centrifugation to 

yield a heterogeneous stromal vascular fraction (SVF), rich in pre-adipocytes, endothelial 

progenitor cells, macrophages, blood cells, fibroblasts, pericytes, smooth muscle cells, 

and ASCs [118]. ASCs are identified as the adherent population when the SVF is 

expanded on tissue-culture polystyrene (TCPS). The scientific community has outlined 

three requirements to identify ASCs. First, the cells must be isolated from adipose tissue 

and adherent to TCPS. Second, they must possess an immunophenotype that is at least 

80% positive for CD105, CD90, CD73, CD29, and CD44, as well as less than 2% 

positive for CD31 and CD45. Lastly, the cells should be able to differentiate towards the 

three mesenchymal lineages: adipogenic, chondrogenic, and osteogenic [119].  
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1.6.1   Donor  and  Depot  Effects  on  ASCs    

Recently, studies have identified increased donor age, body mass index (BMI), and donor 

health as factors linked to decreased proliferation and differentiation capabilities and an 

increase in the expression of cell senescence markers [120]–[122]. Some potential 

differences have also been noted between male and female donors [123]. Furthermore, 

increasing evidence regarding the collection of ASCs from subcutaneous or visceral 

depots has shown a direct impact on ASC characteristics [104]. For example, studies 

have shown that ASCs from the upper arm and medial thigh depots consistently exhibited 

greater proliferation and differentiation  towards the adipogenic lineage when compared 

to those from the abdomen or trochanter [104]. In contrast, others have reported enhanced 

adipogenesis in ASCs from subcutaneous, pericardial, and thymic remnant adipose tissue 

depots, while osteogenic differentiation was augmented in ASCs from the omentum 

[123]. Taken together, these findings highlight the need for research assessing the effects 

of donor age, sex, BMI, health, and tissue excision site on ASC proliferation and 

differentiation capacities, as well as immunophenotype.  

1.6.2   ASC  Chondrogenesis    

As mentioned previously, ASCs are capable of differentiating towards the adipogenic, 

chondrogenic, and osteogenic lineages in vitro, which has been confirmed using a 

combination of immunofluorescence, gene expression analysis, and specific functional 

assays [119]. Generally, this is achieved through culturing in media that is supplemented 

with lineage-specific induction factors [124]. Commonly used protocols for chondrogenic 

differentiation of ASCs involve the supplementation of culture media with 

dexamethasone, ascorbate-2-phosphate, TFG-ß1, and insulin [125], [126]. 

The chondrogenic differentiation of ASCs (Figure 1.3) can be enhanced by high cell 

density and cell-cell contact, which is typically achieved by culturing the cells in 3D 

aggregates [125]. These conditions closely mimic mesenchymal condensation observed 

in vivo during cartilage development. Sex-determining region Y-related high motility 

group box 9 (SOX9) is an essential transcription factor in chondrogenesis. SOX9 induces 
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the transcription of SOX5 and SOX6, which act to further enhance the activity of SOX9, 

maintaining cartilage phenotypes and preventing hypertrophy [127]. SOX9 induces 

chondrogenesis by upregulating cartilage-matrix specific genes to help maintain pre-

chondrocyte phenotypes [128]. 

In early chondrogenesis, transforming growth factor beta (TGF-ß), as well as bone 

morphogenic proteins (BMPs), promote cellular condensation, which commits the cells 

towards a pre-chondrocyte phenotype [129].  Following condensation, the cells begin to 

differentiate into highly proliferative chondroblasts. At this stage, matrix deposition 

changes, with reduced collagen I expression, and the upregulation of collagen II, 

aggrecan, and cartilage oligomeric matrix protein (COMP) [130]. In the late stages of 

chondrogenesis, chondrocytes enlarge and become pre-hypertrophic, followed by 

terminal differentiation into hypertrophic chondrocytes preceding osteochondrogenesis. 

Chondrocyte hypertrophy is characterized by a minimum 10-fold increase in cell volume, 

cartilage mineralization, and the upregulation of runt-related transcription factor 2 

(RUNX2) and collagen type X [131].  

 

Figure 1.3. Transcriptional control of chondrogenesis. 

1.7   Project  Overview    

1.7.1   Project  Rationale    

Currently, leading interventions for meniscal injury serve as short-term solutions that 

provide temporary alleviation of associated symptoms. Ultimately, these treatments lead 
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to further degeneration of the knee joint and the development of OA. Tissue engineering-

based approaches targeting the regeneration of native meniscus have the potential to 

reverse joint degeneration and avoid the onset of OA. Three-dimensional bioprinting 

represents a useful tool in fabricating complex and personalized meniscal constructs. One 

limitation of this approach, however, is that most standard bioinks lack biological cues 

that can enhance tissue regeneration by providing cell-instruction to direct cell survival 

and differentiation. Therefore, this study aimed to investigate the cell-instructive effects 

of incorporating decellularized meniscus with ASCs in 3D printable alginate-based 

bioinks. Considering the distinct regional variability within the meniscus, the inner and 

outer regions were processed separately and incorporated into independent bioinks. 

1.7.2   Hypothesis    

The incorporation of decellularized meniscus within an alginate bioink formulation will 

enhance the survival and direct the lineage-specific differentiation of encapsulated human 

ASCs. The inner and outer meniscus-containing bioinks will direct ASC differentiation 

towards a chondrocyte-like and fibroblast-like phenotype, respectively. These effects 

may be enhanced through culture in chondrogenic differentiation medium. 

1.7.3   Specific  Aims    

This Master’s thesis focused on exploring the effects of the ECM bioink formulations 

derived from the inner versus outer meniscus on ASC survival and fibrochondrogenic 

differentiation. Specifically, this is divided into three project aims: 

Aim 1: To establish a meniscus decellularization protocol that effectively removes 

nuclear content while simultaneously retaining ECM components including collagen and 

GAGs. 

Aim 2: To develop region-specific bioink formulations composed of enzyme-digested 

inner or outer decellularized meniscus incorporated within a proprietary alginate 

formulation, and assess human ASC viability following encapsulation over time in 

culture. 
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Aim 3: To assess the effects of incorporating decellularized inner versus outer meniscus 

within the bioink on the differentiation of encapsulated ASCs towards a 

fibrochondrocyte-like phenotype. 
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Chapter  2    

2   Materials  and  Methods  

2.1   Materials  
All chemical reagents were purchased from Sigma-Aldrich Canada Ltd. (Oakville, 

Ontario) unless otherwise indicated. 

2.2   Meniscal  Decellularization    
Porcine knees from animals 5-8 months of age were sourced from the Mount Brydges 

Abattoir (Mount Brydges, ON, Canada). The menisci were extracted aseptically using a 

scalpel to remove the bone, muscles, ligaments, and soft tissues surrounding the knee 

joint. Menisci were cut along the midline to separate the inner and outer regions, which 

were processed separately for all studies (Figure 2.1). Finally, the tissues were minced 

into small pieces using a 2.0 mm biopsy punch. The tissues from 6-8 knees were pooled 

to create a large batch for use in subsequent studies. 

 

Figure 2.1. Schematic of meniscus extraction and separation of inner and outer 
regions. A) The porcine knee joint was dissected and the B) menisci were extracted. C) 
The menisci were cut along the midline to separate the inner and outer regions and D) 
minced using a 2.0 mm biopsy punch. 

Decellularization Protocol A: A new decellularization protocol was developed and tested 

(Protocol A) that was based on the work of Woods and Gratzer [132] and involved 

sequential treatment steps including freeze-thaw cycles in hypotonic buffer, Triton X-100 

detergent extraction, and enzymatic digestion with deoxyribonuclease (DNase) and 

ribonuclease (RNase). All solutions were supplemented with 1 % (v/v) antibiotic-

antimycotic (ABAM) (Gibco®, Invitrogen, Burlington, ON, Canada) and 0.27 mM 

phenylmethylsulfonyl fluoride (PMSF) (except enzymatic digestion steps) and all 
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incubation steps took place at 37 ºC under agitation on a Labnet 311DS orbital shaker 

control system (Labnet International, Inc., Woodbridge, NJ, United States) at 120 rpm. 

Approximately 1 g of tissue was subjected to two freeze-thaw cycles (-80 ºC overnight/ 

37 ºC, 120 rpm for 2 hours) in 50 mL of hypotonic buffer (pH 8.0) comprised of 10 mM 

tris (hydroxymethyl)aminomethane (Tris) and 5 mM ethylenediaminetetraacetic acid 

(EDTA) in deionized water (dH2O) (Solution A), which was replaced between each 

cycle. After the second thaw, the samples were incubated in fresh Solution A for 8 hours. 

The solution was then replaced with fresh Solution A, and the samples were incubated 

overnight for 18 hours. Next, the samples were subjected to a high-salt detergent 

extraction (pH 8.0) in 50 mL of 50 mM Tris buffer supplemented with 1 v/v% Triton X-

100 and 1.5 M KCl (Solution B) for 24 hours, with one solution change halfway through 

processing. The samples were then rinsed three times for 30 minutes in 50 mL of 

Sorenson’s phosphate buffer (SPB) rinsing solution comprised of 0.55 M sodium 

phosphate dibasic heptahydrate (Na2HPO4•7H2O) and 0.17 M potassium phosphate 

(KH2PO4) (pH 8.0). Next, the samples were enzymatically digested for 2 hours in 50 mL 

of SPB digest solution comprised of 0.55 M Na2HPO4·7H2O, 0.17 M KH2PO4, and 0.049 

M magnesium sulphate heptahydrate (MgSO4·7H2O) (pH 7.3) supplemented with 300 

U/mL DNase Type II (from bovine pancreas) and 20 U/mL RNase Type III (from bovine 

pancreas). The samples were then subjected to a final detergent extraction in 1 % (v/v) 

Triton X-100 in 50 mM Tris buffer (pH 8.0) (Solution C) overnight for 18 hours. 

Solution C was renewed in the morning and the samples were incubated for an additional 

8 hours. At the end of the process, the samples were rinsed three times for 30 minutes in 

dH2O, frozen at -80 ºC in dH2O, and lyophilized using a Labconco Freezone 4.5 

lyophilizer (Labconco, Kansas City, MO, United States) for 48 hours.  

Decellularization Protocol B: For comparative purposes, additional meniscal tissue 

samples were processed following an established protocol from the literature that 

involved Triton X-100 detergent extraction and enzymatic digestion with DNase and 

RNase [11]. All solutions were supplemented with 1 % (v/v) antibiotic-antimycotic 

(ABAM) (Gibco®, Invitrogen, Burlington, ON, Canada). Briefly, 1 g of tissue was 

incubated in 50 mL of 1% (v/v) Triton X-100 in phosphate buffered saline (PBS) at 4 ºC 
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under agitation on an orbital shaker at 100 rpm for 72 hours. The samples were then 

rinsed three times for 30 minutes in fresh PBS and enzymatically digested in 200 U/mL 

DNase and 50 U/mL RNase solution at 37°C, 100 rpm for 24 hours. Finally, the samples 

were rinsed 6 times for 30 minutes each in PBS, frozen at -80°C in dH2O, and lyophilized 

using a Labconco Freezone 4.5 lyophilizer (Labconco, Kansas City, MO, United States) 

for 48 hours.      

2.3   Characterization  of  Decellularized  Tissues  

2.3.1   Histological  Analyses    
Native and decellularized meniscus samples (n=3 cross-sections containing multiple 

meniscus pieces/batch, N=3 decellularization batches) were rehydrated in PBS and fixed 

overnight at 4 °C in 4% paraformaldehyde (PFA). The samples were processed for 

histology at Robart’s Molecular Pathology Laboratory (London, ON, Canada), embedded 

in paraffin, and sectioned (7 µm sections) using a Leica RM2235 microtome (Leica 

Biosystems, Concord, ON, Canada). Sections were deparaffinized by rinsing in xylene 

(two times for 5 minutes each) and rehydrated through an ethanol series (100%, 100%, 

95%, 70%) followed by dH2O for 2 minutes each. Sections were stained with toluidine 

blue to visualize glycosaminoglycan (GAG) content, picrosirius red to visualize collagen, 

and 4’,6-diamidino-2-phenylindole (DAPI) in fluoroshield mounting medium (ab104139, 

Abcam) to visualize cell nuclei, following standard protocols. Images were obtained 

using an EVOS XL Core microscope (Thermo Fisher Scientific Inc., Burlington, ON, 

Canada), a Nikon Optiphot polarizing microscope (Nikon Instruments Inc., Melville, NY, 

United States), and an EVOS FL fluorescence microscope (Thermo Fisher Scientific Inc., 

Burlington, ON, Canada) respectively.   

2.3.2   Biochemical  Analyses  

Tissue composition was assessed using a variety of biochemical assays. A PicoGreen® 

assay was used to quantify the reduction in double-stranded DNA (dsDNA) content 

following decellularization in comparison to native tissue samples. Collagen content was 

quantified using a hydroxyproline assay, which detects a predominant amino acid in 

collagen that serves to stabilize the helical structure [133]. Lastly, a dimethylmethylene 
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blue assay (DMMB) was used to quantify the GAG content in the native versus 

decellularized samples (n=3 separately digested samples/batch, N=3 decellularization 

batches for all assays). 

To prepare the samples for the analyses, lyophilized samples were cryo-milled into a fine 

powder by placing 1 g of each sample into a Retsch 25 mL grinding jar with two 10 mm 

stainless steel milling balls. The chambers were submerged in liquid nitrogen for 3 

minutes, and then milled for 3 minutes at 30 Hz (Retsch Mixer Mill MM 400 milling 

system). This cycle was repeated three times. Ten mg of each cryomilled sample was 

then digested in 500 µL of Tris-EDTA (TE) buffer supplemented with 600 U Proteinase 

K (Qiagen, Hilden, Germany) for 4 hours at 56 ºC in a HERATherm oven (Thermo 

Fisher Scientific Inc., Burlington, ON, Canada) and vortexed every 15 minutes with a 

VWR Fixed Speed Vortex Mixer (VWR International LLC., Mississauga, ON, Canada). 

The enzyme was thermally inactivated by agitating (500 rpm) the samples at 92 ºC for 5 

minutes.   

PicoGreen assay: A Quant-iT™ PicoGreen® assay (Molecular Probes, Burlington, 

Ontario) was used to quantify the dsDNA content within the native and decellularized 

tissue samples. Samples were prepared using the DNeasy Blood & Tissue Kit (Qiagen, 

Hilden, Germany), following the manufacturer’s protocols. An eight-point standard curve 

ranging from 0 ng/mL to 1000 ng/mL was prepared by serial dilution of the λ-DNA 

standard provided with the PicoGreen® kit in TE buffer. One hundred µL of each sample 

(diluted 1:15 in TE buffer (native and Protocol B) or undiluted (Protocol A)) was 

combined with 100 µL of Quant-iT™ reagent in technical triplicates and fluorescence 

was read using a CLARIOstar® microplate reader, according to the manufacturer’s 

instructions. The dsDNA concentration of each sample was determined using the 

standard curve and was normalized to the dry weight of the tissue.  

Hydroxyproline assay: A hydroxyproline (OHP) assay was used to quantify the 

hydroxyproline concentrations within the native and decellularized tissue samples as a 

measure of total collagen content. One hundred µL of each proteinase K-digested sample 

was hydrolyzed in 100 µL of 12 M hydrochloric acid for 18 hours at 110 ºC and 
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neutralized with 100 µL of 5.7 M sodium hydroxide. One hundred µL of dH2O was 

added and the samples were centrifuged at 400 x g for 1 minute. The supernatant was 

collected and analyzed as previously described [96]. Briefly, an eight-point standard 

curve ranging from 0 µg/mL to 16 µg/mL was prepared by serial dilution of a 

hydroxyproline stock (100 µg/mL in dH2O) and the samples were diluted 1:200 in dH2O. 

Fifty µL of each standard or sample was combined with 50 µL of chloramine-T (0.05 M) 

in technical triplicates and incubated at room temperature for 20 minutes. Next, 50 µL of 

perchloric acid (3.15 M) was added and incubated at room temperature for 5 minutes. 

Finally, 50 µL of Erlich’s Reagent (200 mg/mL of 4-dimethylaminobenzaldehyde in 2-

methoxyethanol) was added and incubated at 60 ºC for 20 minutes. The plate was cooled 

at 4 ºC for 5 minutes and absorbance was read using a CLARIOstar® microplate reader at 

560 nm. The hydroxyproline concentration of each sample was determined using the 

standard curve and was normalized to the dry weight of the tissue.  

Dimethylmethylene blue assay: A DMMB assay was used to quantify the GAG content 

within the native and decellularized tissue samples, as previously reported [96]. An eight-

point standard curve ranging from 0 µg/mL to 100 µg/mL was prepared from serial 

dilutions of a 10 mg/mL chondroitin sulphate stock (Sigma C-6737) in 1 w/v% bovine 

serum albumin (BSA) in PBS working solution. Samples were diluted 1:20 with the 1% 

BSA working solution and 10 µL of each was combined with 200 µL of DMMB reagent 

(0.016 mg/mL in 0.2% formic acid (pH 5.3)) in technical triplicates. Absorbance was 

read using a CLARIOstar® microplate reader at 525 nm. The GAG concentration of each 

sample was determined using the standard curve and was normalized to the dry weight of 

the tissue. 

2.3.3   Scanning  Electron  Microscopy  

Scanning electron microscopy (SEM) was performed on native and decellularized 

meniscus samples to visualize extracellular matrix (ECM) ultrastructure following 

decellularization (n=3 menisci pieces per condition, N=2 batches of separately processed 

menisci). Briefly, lyophilized tissues were thinly sliced and coated with osmium. Samples 

were imaged by Dr. Todd Simpson with a LEO 1530 scanning electron microscope at an 
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accelerating voltage of 1 kV and a working distance of 3.6-3.8 mm (Nanofabrication 

facility, Western University).  

2.3.4   Immunohistochemical  Analyses    

Lyophilized native and decellularized meniscus samples processed with Protocol A (n=3 

cross-sections containing multiple meniscus pieces/batch, N=3 decellularization batches) 

were rehydrated through an ethanol series (100%, 90%, 70%, 50% (v/v) diluted in PBS) 

for 30 minutes each and rinsed twice in PBS for 15 minutes at room temperature. 

Samples were then embedded in Tissue-Tek OCT compound (Sakura Finetek, Torrance, 

CA, United States) and snap frozen in liquid nitrogen before cryosectioning into 7 µm 

sections with a Leica CM3050 S cryostat (Leica Microsystems Inc., Concord, ON, 

Canada). Following fixation in acetone for 10 minutes at -20°C and blocking in 10% goat 

serum in tris-buffered saline with 0.1% tween (TBST), sections were stained overnight at 

4°C with primary antibodies against collagen type I (dilution 1:100 in TBST with 2% 

BSA, ab34710, Abcam, Toronto, ON, Canada), collagen type II (dilution 1:200, ab34712, 

Abcam), collagen type IV (dilution 1:100, ab6586, Abcam), collagen type VI (dilution 

1:300, ab6588, Abcam), fibronectin (dilution 1:150, ab23750, Abcam), laminin (dilution 

1:200, ab11575, Abcam), and keratan sulphate (dilution 1:200, sc-73518, Santa Cruz 

Biotechnology). Detection was carried out using an anti-rabbit secondary conjugated to 

Alexa Fluor 594 (dilution 1:200, ab150080, Abcam) or an anti-mouse secondary 

conjugated to Alexa Fluor 650 (dilution 1:200, ab96882, Abcam). Porcine skin and 

bovine nucleus pulposus were used as positive controls and no primary antibody controls 

were included in all trials (Supplementary Figure A.1 and A.2, Appendix A). Images 

were acquired with an EVOS FL fluorescence microscope (Thermo Fisher Scientific Inc., 

Burlington, ON, Canada). 

2.4   Human  Adipose-Derived  Stromal  Cell  (ASC)  Isolation  
and  Culture    

Subcutaneous breast and abdominal human adipose tissue samples were obtained with 

informed consent from patients undergoing lipo-reduction surgeries in London, Ontario 

with approval from the Human Research Ethics Board at Western University (HSREB# 
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105426) (Appendix B). The adipose tissue was transported to the lab in sterile PBS 

supplemented with 20 mg/mL BSA and processed within 2 hours of harvest. ASCs were 

extracted based on previously-established methods [134].  

Briefly, the cauterized pieces were removed, and the tissue was finely minced using 

surgical scissors. The minced tissue was digested in a solution of 2 mg/mL collagenase 

type I (Worthington Biochemical Corp., Lakewood, NJ), 3 mM glucose, 25 mM 4-(2-

hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES) and 20 mg/mL BSA in Kreb’s 

Ringer Buffer (KRB) under agitation at 100 rpm for 45 minutes at 37 °C. A 250 μm pore-

size strainer was used to filter undigested fragments, the filtrate was left to gravity 

separate for 5 minutes, and the mature adipocyte layer was removed by aspiration. The 

collagenase was neutralized by the addition of an equal volume of proliferation medium 

comprised of DMEM/Ham’s F12 supplemented with 10% fetal bovine serum (FBS) 

(Gibco®, Invitrogen, Burlington, ON, Canada) and 100 U/mL of penicillin with 0.1 

mg/mL streptomycin (pen- strep) (Gibco®, Invitrogen, Burlington, ON, Canada) and 

centrifuged at 1200 x g for 5 minutes. The supernatant was aspirated, and the pellet was 

resuspended in erythrocyte lysing buffer (0.154 M ammonium chloride, 10 mM 

potassium bicarbonate, and 0.1 M EDTA in sterile dH2O) and incubated for 10 minutes at 

room temperature under gentle agitation. The cell suspension was then re-centrifuged and 

the resultant pellet was resuspended in proliferation medium, filtered through a 100	  μm 

pore-size filter and re-centrifuged. The cell pellet was plated on T-75 tissue culture 

polystyrene (TCPS) flasks (Corning, NY, United States) at a density of 30,000 cells/cm2. 

After 24 hours, the cells were rinsed with sterile PBS to remove non-adherent cells and 

debris. The media was changed every 2-3 days, and passage 0 (P0) cells were frozen at 

approximately 80% confluence.  

To prepare the cells for the encapsulation studies, cryopreserved P0 cells were thawed 

and plated on T-75 flasks at a density of 1.0 x 106 cells/T-75 flask in proliferation 

medium and cultured at 37 °C (20% O2, 5% CO2). After 24 hours, the ASCs were 

released using trypsin-EDTA (0.25% Trypsin/2.21 mM EDTA from Wisent Inc., 

Montreal, QC, Canada) and split into new T-75 flasks in a 1:4 ratio. The proliferation 

media was changed every 2-3 days. At 80% confluence, the cells were plated onto 875 



32 

 

cm2 multi-flasks (Corning, NY, United States). Passage 4 (P4) cells were used for all 

encapsulation studies. The cell viability and density studies were repeated with 3 ASC 

donors (N=3) and gene expression studies were repeated with 2 ASC donors (N=2) to 

verify trends (Supplementary Table A.1, Appendix A).  

2.5   Fabrication  of  Composite  Alginate-ECM  Beads  

2.5.1   Pepsin  Digestion  of  Cryomilled  Meniscus    

To prepare pepsin-digested decellularized meniscus solutions, cryomilled decellularized 

inner meniscus (DIM) and decellularized outer meniscus (DOM) from Protocol A were 

added at a concentration of 20 mg/mL to sterile 10 w/w% porcine pepsin (3200-4500 

mU/mg protein) in 0.1 M hydrochloric acid and digested for 18 hours at 37 °C under 

agitation at 120 rpm. The solutions were neutralized with sterile 1 M sodium hydroxide 

and undigested fragments were removed by filtering through a sterile 40 μm cell strainer 

(FisherBrand™ CAT#22-363-547). The resultant solutions were stored at 4 °C for a 

maximum of 48 hours before use.  

2.5.2   Cell  Encapsulation  within  Alginate-Based  Beads    

Composite alginate-ECM beads were fabricated by combining a propriety alginate 

formulation (AG-10 Matrix, Aspect Biosystems Ltd., Vancouver, British Columbia) with 

pepsin-digested meniscus and drop-casting the bioinks into a proprietary calcium-based 

crosslinker (CAT-2, Aspect Biosystems Ltd., Vancouver, BC, Canada). Pure alginate 

beads (ALG) were also synthesized as controls. To generate the composites, the AG-10 

Matrix was combined in a 1:1 ratio with pepsin-digested DIM or DOM to obtain a final 

ECM concentration of 10 mg/mL. For cell encapsulation, human ASCs were combined 

with the bioinks at a concentration of 3.0 x 106 cells/mL and mixed well through gentle 

pipetting. The cell-loaded bioinks were transferred into sterile 1 mL syringes and 

subsequently manually expelled dropwise through a 16 G needle into a 6-well plate 

containing 5 mL of the CAT-2 crosslinker. The beads were incubated in the crosslinking 

solution for 10 minutes at 37 °C. The resultant beads were rinsed with sterile proliferation 

media to remove excess crosslinker and approximately 15-20 beads were transferred into 



33 

 

12-well culture inserts (Greiner Bio-one, Germany) in 3 mL of proliferation medium 

(1 mL in insert, 2 mL in well) at 37 °C (20% O2, 5% CO2). 

Chondrogenic differentiation was induced in half of the samples by replacing the 

proliferation medium with 3 mL of chondrogenic differentiation medium [126] 

comprised of proliferation medium supplemented with 10 ng/mL recombinant human 

transforming growth factor-b1 (TGF- b1) (BioLegend®, CAT#781804, San Diego, CA, 

United States), 50 µg/mL ascorbate-2-phosphate, 6.25 µg/mL bovine insulin, and 100 nM 

dexamethasone at 48 hours post-encapsulation. The remaining samples were cultured in 

proliferation medium. Half of the volume of media (1.5 mL) was changed in both the 

samples in proliferation media (non-induced) and chondrogenic differentiation media 

(induced) every 2 days.  

2.5.3     Characterization  of  Bead  Size    

Bead size was measured using a previously-established method [135]. Briefly, ALG, 

ALG+DIM, and ALG+DOM beads were prepared following the methods described 

above, with supplementation of the CAT-2 crosslinker with 0.05% (w/v) Coomassie 

Brilliant Blue for visualization purposes. Immediately following crosslinking, the beads 

(n=3 beads per composition, N=3 batches with different cell donors) were imaged at 4X 

magnification using an EVOS XL Core microscope (Thermo Fisher Scientific Inc., 

Burlington, ON, Canada). Feret’s diameter was measured using the ImageJ analysis 

software.    

2.6   In  vitro  Assessment  of  Human  ASCs  Encapsulated  in  
the  Bioinks  

2.6.1   Confocal  Analysis  of  Cell  Viability  and  Density  using  the  
LIVE/DEAD®  Assay  

ASC viability following encapsulation and culture was assessed through confocal 

microscopy at 24 hours, 7 days, 14 days, and 28 days post-encapsulation using the 

LIVE/DEAD® Viability/Cytotoxicity Assay (Invitrogen CAT#L3224), which allows for 

the visualization of live cells in green by staining with Calcein AM and dead cells in red 
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through the use of ethidium homodimer-1 (EthD-1). At each timepoint, three beads (n=3 

beads from each composition/timepoint, N=3 cell donors) from each bioink (i.e. ALG, 

ALG+DIM, ALG+DOM) and media formulation (chondrogenic versus proliferation) 

were collected, rinsed with PBS, and incubated at 37 °C in 4 µM EthD-1 and 2 µM 

Calcein AM in PBS for 30 minutes. Following incubation, the beads were imaged using 

the 5X objective at 3 depths separated by 40 µm on a Zeiss LSM800 Confocal 

Microscope with Airyscan. ImageJ analysis software was used to automatically count the 

viable cells to determine the ASC density within the beads at 28 days compared to 24 

hours post-encapsulation (n=3 beads per group/timepoint in each trial, N=3 trials with 

different cell donors). 

2.6.2   Gene  Expression  Analysis    

For each condition, ALG, ALG+DIM, and ALG+DOM beads cultured in proliferation 

and chondrogenic differentiation media, approximately 300 µL of beads pooled from 

multiple wells were collected at 9 and 30 days post-encapsulation (i.e. 7 and 28 days after 

the induction of chondrogenic differentiation). The cells were released from the alginate 

through incubation in 25 mM sodium citrate in dH2O for 45 minutes at 37 °C under 

agitation at 120 rpm. A cell pellet was obtained by centrifuging at 1200 x g for 5 minutes, 

and frozen in 1 mL of PureZOL (Bio-Rad Laboratories, Mississauga, ON, Canada). 

Samples were thawed on ice and sonicated three times using a Model 100 Sonic 

Dismembrator (Fisher Scientific) in one second bursts. Total RNA was extracted using 

the Aurum Total RNA Fatty and Fibrous Tissue kit (Bio-Rad Laboratories), according to 

the manufacturer’s instructions. RNA concentration and purity were determined using a 

Nanodrop 1000 spectrophotometer (Thermo-Scientific), and cDNA was synthesized 

using the iScript™ cDNA Synthesis Kit (Bio-Rad Laboratories) from 300 ng of input 

RNA in a 20 µL volume. Controls with no reverse transcriptase were also prepared for 

each sample.  

Gene expression was analyzed by real-time qPCR using the BioRad CFX-384 system. 

Three separate samples from each bead formulation and culture medium were run in 

triplicate, with each well containing 0.3 µL of 10 µM forward and reverse primers, 5 µL 

of 2xSSoAdvanced™ Universal SYBR® Green Supermix (Bio-Rad Laboratories) and 
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2 µL of sample. The panel of markers used to assess chondrogenic differentiation 

consisted of SRY-Box transcription factor 9 (SOX9), cartilage oligomeric matrix protein 

(COMP), aggrecan (ACAN), collagen type I (COL I), collagen type II (COL II), and 

collagen type X (COL X) with housekeeping genes glucuronidase beta (GUSB) and 

ribosomal protein L 13a (RPL13A). The primers were previously validated for efficiency 

and specificity, and their sequences are provided in Table 2.1. The following protocol 

was used: enzyme activation at 95 °C for 2 minutes, followed by denaturation at 95 °C 

for 10 seconds and annealing and elongation at 60 °C for 30 seconds, repeated for 40 

cycles. Transcript levels were analyzed using the ΔΔCT method, with normalization of 

each sample to the geometric mean of the housekeeping genes and using the ALG 

samples cultured in chondrogenic differentiation medium for 7 days as the calibrator (n=3 

bead samples processed separately at each timepoint/trial, N=2 trials with different ASC 

donors). 
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Table 2.1: RT-qPCR Primer Sequences.  

Gene Primer Sequence (5’ to 3’) 

SOX9 FWD: AGCGAACGCACATCAAGAC 

REV: CTGTAGGCGATCTGTTGGGG 

COMP FWD: GCCTGCATCCAGACGGAGAG 

REV: GTGGGCGTTGCACTCGTTG 

ACAN FWD: TGAGGAGGGCTGGAACAAGTACC 

REV: GGAGGTGCTAATTGCAGGGAACA 

COL I FWD: AAGAGGAAGGCCAAGTCGGAG 

REV: CACACGTCTCGGTCATGGTA  

COL II FWD: CCAGATGACCTTCCTACGCC 

REV: TTCAGGGCAGTGTACGTGAAC 

COL X FWD: CAGGCATAAAAGGCCCACTA  

REV:GGTGGTCCAGAAGGTCCAGAAGGACCTG  

GUSB FWD: ACGCAGAAAATATGTGGTTGGA 

REV: GCATCTCGTCGGTGACTGTT  

RPL13A FWD: TGCGTCTGAAGCCTACAAGA 

REV: GTTCTTCTCGGCCTGTTTCC  

  

2.6.3   Immunohistochemical  Characterization  of  ECM  Markers  
within  Alginate-Based  Beads  

IHC was used to qualitatively assess the presence of key chondrogenic ECM components 

in induced and non-induced ALG, ALG+DIM, and ALG+DOM beds at 30 days post-

encapsulation (i.e. 28 days after the induction of chondrogenic differentiation). Briefly, 

beads were collected at each timepoint and fixed in 4% paraformaldehyde with 10 mM 
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calcium chloride and 0.1 M sodium cacodylate for 4 hours at 4°C. The samples were then 

washed in a solution of 0.1 M sodium cacodylate with 50 mM barium chloride for 18 

hours at 4°C and sent to Robarts Molecular Pathology Laboratory (London, ON, Canada) 

for histological processing. Upon return, samples were embedded in paraffin and 

sectioned (7 µm sections) using a Leica RM2235 microtome (Leica Biosystems). 

Sections were deparaffinized by rinsing in xylene (two times for 5 minutes each) and 

rehydrated in an ethanol series (100%, 100%, 95%, 70%) and dH2O for 2 minutes each.  

For heat-mediated antigen retrieval, sections were placed in slide mailers containing 1x 

DAKO Target Retrieval Solution (DAKO Canada Inc., Burlington, ON, Canada). The 

slide mailers were heated at 95°C in a double boiler system for 10 minutes. Following 

antigen retrieval, fixation in acetone for 10 minutes at -20°C, and blocking with 10% goat 

serum in TBST, the sections were stained overnight at 4°C with primary antibodies 

against collagen type I (dilution 1:100 in TBST with 10% goat serum, ab34710, Abcam, 

Toronto, ON, Canada), collagen type II (dilution 1:400, ab34712, Abcam), fibronectin 

(dilution 1:150, ab23750, Abcam), and keratan sulphate (dilution 1:200, sc-73518, Santa 

Cruz Biotechnology). Detection was carried out using an anti-rabbit secondary 

conjugated to Alexa Fluor 594 (dilution 1:200, ab150080, Abcam) or an anti-mouse 

secondary conjugated to Alexa Fluor 650 (dilution 1:200, ab96882, Abcam) (n=3 cross-

sections containing multiple beads/trial, N=2 trials with different ASC donors). Inner 

native meniscus was used as a positive control and no primary antibody controls were 

included in all trials. Images were acquired using an EVOS FL fluorescence microscope 

(Thermo Fisher Scientific Inc., Burlington, ON, Canada).  

2.7   Statistical  Analyses  

All numerical data are expressed as mean ± standard deviation (SD). All statistical 

analyses were performed using GraphPad Prism 7 (GraphPad Software, San Diego, CA). 

All statistical analyses were performed by two-way ANOVA with a Tukey’s post-hoc 

comparison of the means. Differences of p < 0.05 were considered statistically 

significant.  
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Chapter  3    

3   Results    

3.1   Comparison  of  Protocols  to  Decellularize  Porcine  
Meniscal  Tissues    

The first aim of this project was to establish a porcine meniscus decellularization protocol 

that effectively removed cellular content from both the inner and outer regions of the 

tissues, and preserved the extracellular matrix (ECM) composition and ultrastructure. The 

inner and outer regions were processed independently to develop region-specific bioinks 

in order to assess whether the ECM sourcing had an effect on the survival and 

differentiation of encapsulated human adipose-derived stromal cells (ASCs).   

Briefly, the new decellularization protocol, Protocol A, consisted of dissecting menisci 

from porcine knees, which were then cut along the midline to separate the inner and outer 

regions, minced with a biopsy punch, and treated with a 5-day decellularization protocol. 

Protocol A included the use of freeze-thaw cycles to mechanically aid in tissue 

decellularization, cell lysis through hypotonic and hypertonic solutions, enzymatic 

digestion with deoxyribonuclease (DNase) and ribonuclease (RNase), and detergent 

extraction with Triton X-100. Additionally, the novel Protocol A was compared to an 

established meniscus decellularization protocol taken from the literature, Protocol B, that 

involved extended detergent extraction with Triton X-100 combined with enzymatic 

digestion with DNase and RNase [11]. Decellularized samples from both protocols were 

collected and characterized using histological techniques and quantitative biochemical 

assays in comparison to native tissue controls. 

To assess cell extraction, cell nuclei were visualized using 4’,6-diamidino-2-phenylindole 

(DAPI) fluorescent staining (Figure 3.1A). Representative images illustrate that in 

comparison to native tissues, samples processed with Protocol A exhibited enhanced cell 

removal in both regions, with no detectable nuclei remaining in the tissues at the end of 

processing. In contrast, residual cell nuclei were visualized throughout both regions of the 

samples processed with Protocol B. Regional variability was observed throughout these 

samples wherein cell nuclei detection was heterogeneous throughout the tissue. To 
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corroborate these findings, a PicoGreen® assay was used to quantify the presence of 

double-stranded DNA (dsDNA) in the native versus decellularized samples (Figure 

3.1B). While both protocols significantly reduced the dsDNA content, Protocol A 

removed significantly more dsDNA than Protocol B in both regions, with an average of 

0.7 ± 0.3 ng/mg and 0.6 ± 0.2 ng/mg detected in the inner and outer regions respectively.  

 

Figure 3.1. Cell extraction was enhanced in the meniscus samples processed with 
decellularization Protocol A. A) Representative DAPI nuclear staining of inner and outer 
meniscus samples following decellularization in comparison to native tissue controls 
showing enhanced removal of cell nuclei in the samples processed with Protocol A (n=3 
cross-sections containing multiple meniscus pieces/batch, N=3 decellularization batches). 
Scale bar=200 µm. B) Quantitative analysis of double-stranded DNA (dsDNA) content in 
the native and decellularized meniscus samples using the PicoGreen assay confirmed that 
Protocol A was more effective at extracting cells from the tissues. Values are reported 
based on dry weight. (n=3 separately digested samples/batch, N=3 decellularization 
batches). Two-way ANOVA; **p<0.01, ****p<0.0001.  
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The distribution of collagen in the samples processed with both protocols was visualized 

using picrosirius red staining. Imaging through circularly polarized light microscopy 

revealed dense networks of collagen comprised of a combination of thicker fibers 

visualized through red-orange staining and thinner fibers that appeared yellow-green in 

colour. Similar patterns were seen in both the native and decellularized tissues, with the 

exception of a qualitative reduction in the yellow-green staining in the tissues from the 

outer region processed with Protocol B, suggesting a loss in thin fibers or a potentially a 

change in the organization of the collagen (Figure 3.2A). A hydroxyproline assay was 

used to quantitatively analyze collagen content (Figure 3.2B). In the inner region, the 

hydroxyproline content in the samples processed with both protocols remained similar to 

the native tissues. In contrast, there was a significant enrichment in hydroxyproline 

content within the outer region in the samples decellularized with both protocols.    

   



41 

 

 

Figure 3.2. Collagen content remained similar in the inner region and was enriched 
in the outer region following decellularization with both protocols. A) Representative 
picrosirius red staining showing that the tissues processed with Protocol A contained a 
dense network of collagen fibers with similar staining patterns to the native tissue 
samples in both regions. The tissues processed with Protocol B exhibited similar staining 
patterns in the inner region but qualitatively less yellow-green staining in the outer 
region, suggesting a loss of thin fibers or potentially a change in the organization of the 
collagen. (n=3 cross-sections containing multiple meniscus pieces/batch, N=3 
decellularization batches). Scale bar=200 µm. B) Quantification of total collagen content 
through the hydroxyproline assay showed similar levels in the decellularized inner 
meniscus samples relative to the native tissue controls. In contrast, a significant 
enrichment in hydroxyproline content was observed in the decellularized outer meniscus 
samples processed with both protocols.  Values are reported based on dry weight. (n=3 
separately digested samples/batch, N=3 decellularization batches). Two-way ANOVA;  
*p<0.05. 
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Analysis of glycosaminoglycan (GAG) content through toluidine blue staining exhibited 

qualitatively more intense staining in both regions in the samples processed with Protocol 

A as compared to those processed with Protocol B (Figure 3.3A). Similarly, quantitative 

analysis of GAG content using the dimethylmethylene blue (DMMB) assay determined 

that Protocol A retained significantly more GAG in the inner region than Protocol B 

(Figure 3.3B). Additionally, in the outer region, a significant loss of GAG content 

relative to the native tissues was only observed in the samples processed with Protocol B.  
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Figure 3.3. Protocol A enhanced the retention of glycosaminoglycan (GAG) content 
in the processed tissues. A) Representative toluidine blue staining showing more intense 
staining of GAGs (purple) in the decellularized meniscus samples processed with 
Protocol A (n=3 cross-sections containing multiple meniscus pieces/batch, N=3 
decellularization batches). Scale bar=200 µm. B) Quantitative analysis with the DMMB 
assay showing that the inner meniscus samples decellularized with Protocol A contained 
significantly more sulphated GAG content than those processed with Protocol B. A 
significant reduction in GAG content was observed in the outer meniscus samples 
decellularized with Protocol B relative to the native tissue controls. Values are reported 
based on dry weight. (n=3 separately digested samples/batch, N=3 decellularization 
batches). Two-way ANOVA; ** p<0.01, ***p<0.001, ****p<0.0001. 
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Scanning electron microscopy (SEM) images revealed that all samples possessed a 

complex fibrous ECM ultrastructure, with no obvious differences between the samples 

processed with the two decellularization protocols or relative to the native tissue controls 

(Figure 3.4).   

 

Figure 3.4. Scanning electron microscopy (SEM) images of native and decellularized 
meniscus showing that all samples had a complex fibrous ECM ultrastructure. Scale 
bar=400 nm. 
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Taken together, the results confirmed that the novel Protocol A was more effective at 

extracting nuclear content and retaining GAGs in both regions compared to Protocol B. 

As such, all subsequent studies included samples processed with Protocol A only.  

3.2   Immunohistochemical  Characterization  of  the  ECM  
Composition  within  the  Decellularized  Meniscus  

Immunohistochemical analyses were used to further investigate the presence and 

distribution of ECM components in the inner and outer regions of the native tissues and 

following decellularization with Protocol A (Figure 3.5). Staining for collagen type I 

(Coll I), collagen type II (Coll II), collagen type IV (Coll IV), collagen type VI (Coll VI), 

keratan sulphate (KS), fibronectin (FN), and laminin (LN) showed qualitatively similar 

patterns between the native and decellularized meniscus samples in both regions. Some 

regional variations between markers were consistently observed. Specifically, in the inner 

region, KS staining was qualitatively more intense. Furthermore, in the outer region, Coll 

I and FN staining were qualitatively more intense (positive antibody controls shown in 

Supplementary Figure A.1 and A.2, Appendix A).      
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Figure 3.5. Immunohistochemical analyses confirmed the presence of key ECM 
components following decellularization. Representative staining showed similar patterns 
between native and decellularized meniscus processed using Protocol A for all ECM 
markers investigated (n=3 cross-sections containing multiple meniscus pieces/batch, N=3 
decellularization batches). Scale bar=400 µm. Abbreviations: Coll I=collagen type I, Coll 
II=collagen type II, Coll IV=collagen type IV, Coll VI=collagen type VI, KS=keratan 
sulphate, FN=fibronectin, LN=laminin.    
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3.3   Bead  Synthesis  Through  Dropcasting  of  the  Alginate-
Based  Bioinks    

Decellularized inner meniscus (DIM) and decellularized outer meniscus (DOM) samples 

generated by Protocol A were lyophilized, cryomilled, and enzymatically digested using 

pepsin. The resultant solubilized ECM was combined with a proprietary alginate 

formulation generously provided by Aspect Biosystems Ltd. to generate region-specific 

bioinks (ALG+DIM and ALG+DOM) containing a final ECM concentration of 

10 mg/mL, based on the initial dry mass of the decellularized tissues within the digests. 

In addition, alginate (ALG) alone was applied as a control. Each bioink was combined 

with human ASCs at a density of 3.0 x 106 cells/mL and dropcast into the propriety 

crosslinker to form beads (Figure 3.6). The average bead size for all three bioinks was 

similar, with Feret’s diameters measuring 3.75 ± 0.46 mm, 3.69 ± 0.39 mm, and 3.33 ± 

0.35 mm for the ALG, ALG+DIM, and ALG+DOM beads respectively.   

 

Figure 3.6. Macroscopic image of alginate-based beads post-encapsulation shows 
similar appearance of all formulations. Qualitatively there were no differences between 
the appearance of ALG, ALG+DIM, and ALG+DOM beads.  

3.4   Viability  and  Retention  of  Human  ASCs  Encapsulated  
and  Cultured  in  the  Alginate-Based  Beads    

The LIVE/DEAD® assay with confocal imaging was used to assess the viability of the 

human ASCs encapsulated within the ALG, ALG+DIM, and ALG+DOM beads at 24 

hours, 7 days, 14 days, and 28 days post-encapsulation and culture in proliferation 

medium (Figure 3.7A) or chondrogenic differentiation medium (Figure 3.8A). In all 
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conditions, the ASCs remained highly viable throughout the culture period. After 28 days 

of in vitro culture in chondrogenic differentiation medium, an apparent increase in the 

volume of some cells was observed. Most notably, this was seen with the ASCs in the 

ALG+DIM beads but also to a lesser degree in the ALG+DOM and ALG beads. 

Qualitatively, the ASC density appeared to decline over time in the ALG alone beads. To 

verify this observation, the viable ASC density at 24 hours and 28 days post-

encapsulation was quantified using ImageJ for the samples cultured in proliferation 

medium (Figure 3.7B) and chondrogenic differentiation medium (3.8B). In proliferation 

medium, there was a significant increase in ASC density within the ALG+DIM group 

from 24 hours to 28 days.  In both media formulations, the ASC density within the 

ALG+DIM and ALG+DOM beads was significantly higher than in the ALG alone beads 

at 28 days.  
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Figure 3.7. LIVE/DEAD staining confirmed that the human ASCs remained highly 
viable following encapsulation and culture in proliferation media for 28 days. A) 
Representative images showing calcein+ live (green) and EthD-1+ dead (red) ASCs in the 
ALG, ALG+DIM, and ALG+DOM beads support that high cell viability was maintained 
throughout the culture period. (n=3 beads per timepoint/trial, N=3 trials with different cell 
donors). Scale bar=200 µm. B) The ASC density, reported as cells/frame at 5X 
magnification, was significantly higher at 28 days within the ALG+DIM and ALG+DOM 
beads as compared to the ALG beads. From 24 hours to 28 days there was a significant 
increase in the ASC density in ALG+DIM beads. (n=2 images counted for 3 beads per 
timepoint/trial, N=3 trials with different cell donors). Two-way ANOVA; ***p<0.001, 
****p<0.0001. 
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Figure 3.8. LIVE/DEAD confirmed that the human ASCs remained highly viable 
following encapsulation and culture in chondrogenic differentiation media for 28 
days. A) Representative images showing Calcein+ live (green) and EthD-1+ dead (red) 
ASCs in the ALG, ALG+DIM, and ALG+DOM beads support that high cell viability was 
maintained throughout the culture period. (n=3 beads per timepoint/trial, N=3 trials with 
different cell donors). Scale bar=200 µm. B) Following 28 days of in vitro culture in 
chondrogenic differentiation medium the ASC density was significantly higher in the 
ALG+DIM and ALG+DOM beads as compared to the ALG alone (reported as cells/frame 
at 5X magnification). (n=2 images counted for 3 beads per timepoint/trial, N=3 trials with 
different cell donors). Two-way ANOVA; *p<0.05, ***p<0.001. 
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3.5   Chondrogenic  Gene  Expression  in  the  Human  ASCs  
Cultured  in  the  Alginate-Based  Beads    

RT-qPCR analysis was used to assess a panel of genes associated with chondrogenesis 

including: SOX9 as a key transcription factor that regulates chondrogenesis; COMP, 

ACAN, Coll I, and Coll II as markers of chondrocyte ECM production; and Coll X as a 

marker of chondrocyte hypertrophy. Samples were analyzed at 7 and 28 days after the 

induction of chondrogenic differentiation (i.e. 9 and 30 days of total culture post-

encapsulation). Relative gene expression from 2 donors is presented in heatmaps using 

the 7-day alginate beads cultured in chondrogenic differentiation medium as the 

calibrator. 

While there was donor variability in the response, similar patterns of relative gene 

expression were observed in both donors, with higher expression of most of the markers 

in the samples that had been cultured in chondrogenic differentiation medium for 28 days 

(Figure 3.9). Notably, in this subset of samples, Coll II and ACAN were more highly 

expressed in the ALG+DOM beads as compared to the ALG beads for both donors, 

suggesting that the incorporation of the solubilized DOM may have had a positive effect 

on cartilage-specific ECM expression.  

The analysis of the 7-day samples also revealed some interesting trends. More 

specifically, SOX9 expression was enhanced in the samples cultured in proliferation 

medium, suggesting that 3-D culture for 7 days within the alginate gels had an inductive 

effect on the expression of this transcription factor. In addition, there was elevated 

expression of Coll II and ACAN in the ALG+DIM and ALG+DOM beads, as well as 

COMP in the ALG+DOM beads, compared to the ALG beads after 7 days of culture in 

chondrogenic differentiation medium for both of the cell donors, supporting that the 

incorporation of the ECM within the bioink may have had a bioactive effect on the 

induction of chondrogenic differentiation.  
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Figure 3.9. Chondrogenic ECM gene expression was enhanced in the human ASCs 
encapsulated within the alginate-based beads following 28 days of culture in 
chondrogenic differentiation medium. Relative gene expression for A) cell donor 1 and 
B) cell donor 2 with ASCs encapsulated in alginate +/- ECM beads. The ASCs were 
encapsulated in the alginate beads and cultured in proliferation medium for 48 h, and then 
transferred into chondrogenic differentiation medium for an additional 7 or 28 days, or 
maintained in proliferation medium as a control. Analysis was performed on SOX9 as a 
key transcription factor associated with the induction of chondrogenesis; COMP, ACAN, 
Coll I, and Coll II as markers of chondrocyte ECM production; and Coll X as a marker of 
chondrocyte hypertrophy. Data was analyzed using the ∆∆Ct method with normalization 
to the geometric mean of the stable housekeeping genes RPL13A and GUSB, and using the 
7-day alginate beads cultured in chondrogenic differentiation medium as the calibrator. 
Data is presented as a heatmap (n=3 bead samples processed separately at each 
timepoint/trial, N=2 trials with different ASC donors). N.D.=Not detected.   
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3.6   Immunohistochemical  Analysis  of  Chondrogenic  ECM  
Expression  in  the  Alginate-Based  Beads    

Immunohistochemical staining was used to visualize ECM marker expression within the 

alginate-based beads following in vitro culture in proliferation medium for 30 days 

(Figure 3.10) or proliferation medium for 2 days followed by 28 days in chondrogenic 

differentiation medium (Figure 3.11). Most of the markers were not detected in the beads 

cultured in proliferation medium, with the exception of fibronectin, which appeared to be 

qualitatively more highly expressed in ALG+DIM beads. In contrast, collagen type I, 

collagen type II, and fibronectin were abundantly expressed in the ALG+DIM and 

ALG+DOM beads that were cultured in chondrogenic differentiation medium, suggesting 

that the incorporation of the ECM within the alginate had a positive effect on matrix 

production. Interestingly, qualitatively higher levels of expression were observed for 

collagen I, collagen II and keratan sulphate in the ALG+DOM beads relative to 

ALG+DIM beads. Faint staining for keratan sulphate was observed only in the 

ALG+DOM samples, suggesting there was limited GAG accumulation in any of the 

samples under the conditions in the current study (positive antibody controls shown in 

Supplementary Figure A.3, Appendix A). 
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Figure 3.10. Immunohistochemical staining showing limited ECM marker expression 
within the alginate-based beads following 30 days of culture in proliferation medium. 
Representative images of the ECM markers (red) with DAPI counterstaining (blue) to 
localize the human ASCs. Fibronectin expression was qualitatively enhanced in the 
ALG+DIM group. (n=3 cross-sections containing multiple beads/trial, N=2 trials with 
different ASC donors). Abbreviations: Coll I=collagen type I, Coll II=collagen type II, 
KS=keratan sulphate, FN=fibronectin. Scale bar= 200 µm.    
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Figure 3.11. Immunohistochemical staining showing enhanced ECM marker 
expression within the composite alginate + ECM beads following 28 days of culture 
in chondrogenic medium. The samples were cultured in proliferation medium for 48 h 
post-encapsulation before being transferred into differentiation medium for 28 days. 
Representative images of the ECM markers (red) with DAPI counterstaining (blue) to 
localize the human ASCs showing qualitatively enhanced ECM staining for collagen I, 
collagen II and fibronectin within the ALG+DIM and ALG+DOM beads and faint staining 
for keratan sulphate within the ALG+DOM beads relative to the ALG controls. (n=3 cross-
sections containing multiple beads/trial, N=2 trials with different ASC donors). 
Abbreviations: Coll I=collagen type I, Coll II=collagen type II, KS=keratan sulphate, 
FN=fibronectin.  Scale bar= 200 µm.     
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Chapter  4    

4   Discussion    
The menisci play a critical role in the knee joint by providing shock absorption, load 

transmission, joint lubrication, and joint stability [12], [136]. Notably, the menisci are the 

most frequently injured structures in the knee and due to their relatively acellular and 

avascular composition, they have a limited capacity for self-repair. As such, surgical 

interventions targeting the meniscus are among the most frequently performed procedures 

in the orthopaedic field. Specifically, meniscectomy is the most commonly used 

technique, which is linked to altered biomechanics of the joint that can ultimately lead to 

the onset of osteoarthritis (OA) [21], [137]. OA inflicts significant health and economic 

burdens on society, as it is the second most prevalent chronic condition in Canada and is 

associated with major expenditures [56], [138]. For these reasons, there is a critical need 

for novel and effective treatment approaches that promote structural and functional 

meniscal regeneration.     

The application of three-dimensional (3D) bioprinting is of interest in the field of 

meniscal tissue engineering, as it can be used to create personalized constructs through a 

highly controlled fabrication process [75]. Additionally, the material to be printed, known 

as a bioink, can be made from a variety of materials and may also incorporate various cell 

types. In particular, alginate is a biomaterial derived from seaweed that has been 

extensively used in the field of tissue engineering as it possesses many favorable qualities 

including low toxicity, high water content, and the capacity to support the viability of 

encapsulated cell populations [77], [139]. From a commercial perspective, alginate is 

relatively inexpensive and widely available, reducing the risk of bottlenecks in the 

manufacturing process. Importantly, alginate is easily and rapidly crosslinked with 

divalent cations such as calcium, avoiding the exposure of cells to harsh treatments 

during encapsulation. The release of cells from alginate is also easily achieved through 

the use of chelating agents, allowing for a simple recovery and collection of the 

encapsulated cells for analysis.  
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While alginate can provide a cell-supportive microenvironment, it lacks biological cues 

that can help to direct cell functions including proliferation, differentiation and matrix 

production that may be favorable for meniscal regeneration [140]. As such the generation 

of alginate-based composites harnessing the innate bioactivity of the extracellular matrix 

(ECM) holds promise to address this limitation. In particular, decellularization can be 

used to obtain tissue-specific ECM for this application. Overall, the goals of 

decellularization are to remove cellular and nuclear content while preserving the 

composition and ultrastructure of the native tissue as much as possible.  

Every tissue in the body has unique properties, in terms of cellularity and composition, 

and tailored approaches to decellularization are critical. To date, many decellularization 

protocols targeting the meniscus have employed the use of harsh ionic detergents and 

acids, such as sodium dodecyl sulphate (SDS) [68], [110], [111], [141] and peracetic acid 

[112], as well as enzymatic treatment with proteolytic enzymes including trypsin and 

collagenase [113]. Although effective at extracting cells, SDS can cause denaturation of 

ECM proteins, alterations in ECM structure and mechanical properties, and the removal 

of glycosaminoglycans (GAGs) and growth factors [109], [142]. In addition, the presence 

of residual detergent may elicit cytotoxic effects [109], [142]. Treatment with peracetic 

acid has also been shown to denature proteins and strip tissue of growth factors [109], 

[142], and enzymes can degrade collagens and GAGs, affecting their structure and 

bioactivity [109], [142].  

Taking these considerations into account, this project aimed to develop a new meniscal 

decellularization protocol (Protocol A) that maximized cell extraction while retaining 

native ECM constituents. The approach was based on protocols developed by Woods and 

Gratzer to decellularize porcine bone-anterior cruciate ligament grafts [132]. Briefly, 

their methods involved hypotonic cell lysis, high salt detergent extraction with 1 v/v% 

Triton X-100, enzymatic digestion with deoxyribonuclease (DNase) and ribonuclease 

(RNase), and a final extraction with 1 v/v% Triton X-100. While applying a similar 

combination of treatments, a number of modifications were made in developing the new 

protocol for the meniscus, including the addition of freeze-thaw cycles to promote cell 
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lysis, shortened incubation steps that were all performed at 37 °C instead of room 

temperature, and higher concentration of DNase and RNase.  

Decellularization Protocol A was compared to a recent protocol from the literature 

(Protocol B), which also analyzed the inner and outer regions of the meniscus 

independently [11]. This protocol was selected as the comparator because it also relied on 

treatment with the non-ionic detergent Triton X-100 [11], which is known to be gentler 

than stronger anionic detergents such as SDS and can better preserve the ECM structure 

and composition [92], [132], [143], [144]. In addition, this previous study demonstrated 

that urea extracts from the decellularized inner region promoted the fibrochondrogenic 

differentiation of human bone marrow-derived MSCs encapsulated within polyethylene 

glycol hydrogels, while extracts from the outer region promoted a more fibroblastic 

phenotype associated with enhanced collagen type I expression [11]. 

In terms of cell extraction, qualitative analysis using DAPI staining clearly revealed that 

Protocol A enhanced cell removal in both regions, compared to Protocol B. These 

findings were corroborated by the PicoGreen® analysis of double-stranded DNA 

(dsDNA) content. The broader combination of treatments, including the addition of 

freeze-thaw cycles in hypotonic solution at the beginning of the process, along with the 

overall extended treatment time may have contributed to the enhanced efficacy of 

Protocol A [88]. Freeze-thawing forms ice crystals that mechanically disrupt cell 

membranes, ultimately causing lysis [85], [142], and this process can be augmented by 

hypotonic solution treatment, which causes an influx of water into the cell [88]. These 

initial steps may have rendered the nuclear content more accessible to the subsequent 

washing and digestion steps. In addition, Protocol A incorporated the use of a chelating 

agent (EDTA) to sequester ions and impede cell binding to the ECM, which may have 

also helped to promote cell extraction [88].  

Collagen is the most abundant protein in mammalian tissues, where it plays a vital role in 

providing strength, resilience, and structure, as well as in modulating cellular processes 

including adhesion and migration [145]. Picrosirius red staining revealed that the samples 

processed with Protocol A showed similar collagen staining patterns to the native tissues 
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in both regions. In contrast, samples from the outer region processed with Protocol B 

showed a qualitative reduction in yellow-green staining, potentially indicating a loss of 

thin collagen fibers, or a change in collagen organization following decellularization 

[146]. These changes may have been caused by the extended treatment time in Triton X-

100 [109], [147] or potentially due to the lack of inclusion of protease inhibitors in 

Protocol B to counteract the intracellular proteases that are released by lysed cells [88], 

[92], [132]. The hydroxyproline assay results indicated that the samples processed with 

both protocols had similar levels of collagen in the inner region and an enrichment of 

collagen in the outer region relative to the native tissues. This enrichment is likely 

attributed to the relative increase in collagen levels due to the loss of cellular and other 

ECM components during decellularization.  

Glycosaminoglycans (GAGs) are another key ECM component that have the capacity to 

modulate cellular processes both directly through cell binding and indirectly through the 

sequestration of growth factors [69]. In addition, their hydrophilic nature plays a critical 

role in maintaining tissue hydration and contributes to the compressive resistance of the 

meniscal tissues [1]. Toluidine blue staining revealed qualitatively less intense staining 

for GAGs in the samples decellularized with Protocol B, which was verified by the 

dimethylmethylene blue (DMMB) assay results. In addition to causing changes in 

collagen, a number of studies have reported that processing with Triton X-100 can result 

in the loss of GAGs [132], [148], [149]. As such, is likely that the additional 30 hours of 

processing time in Triton X-100 in Protocol B contributed to the observed changes in the 

ECM composition.  

Immunohistochemical analyses were used to visualize the presence and distribution of 

ECM components in both regions of the meniscus. For all markers, similar staining 

patterns were observed between the native and decellularized samples in each respective 

region. However, some regional variations were observed including more intense staining 

for collagen type I in the outer region. In dry weight, collagen type I makes up 

approximately 30% of the inner bovine meniscus, and 80% of the outer meniscus [5].  In 

contrast, collagen type II  is estimated to represent approximately 42% of the dry weight 

of inner meniscus, and less than 1% of the outer meniscus [5]. Surprisingly, this contrast 
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was not reflected in the qualitatively similar collagen type II staining intensities 

visualized in this study. However, research investigating the specific localization of 

collagen type II has indicated that it is primarily found in the inner region horns, which 

was not controlled for in this study [150], [151]. As such, it would be interesting to 

explore the effects of deriving materials specifically from that region in future studies in 

order to generate inner composites that have a more distinct cartilage-like composition.  

Although the staining patterns for collagen type II were similar, there was qualitatively 

more intense staining for keratan sulphate in the inner region in both the native and 

decellularized tissue samples. In the meniscus, keratan sulphate is one of the most 

abundant GAG side chains within aggrecan [1], [5], which is the major large 

proteoglycan found within the tissues that contributes to its characteristic load-bearing 

properties [5], [152]. Regional variability in proteoglycan expression is also expected, 

with higher levels reported in the inner and central regions of the tissues [5]. 

Interestingly, staining for fibronectin appeared qualitatively enhanced in the outer region 

of both the native and decellularized tissues. While there is limited information on the 

localization of fibronectin within the meniscus, it is well-recognized that it plays an 

important role in mediating cell attachment to matrix constituents such as collagens and 

GAGs [5], [17], [153]. Interestingly, during chondrogenesis, fibronectin expression and 

matrix assembly has been shown to occur prior to and during cell condensation and 

differentiation [154], [155]. It is therefore postulated that fibronectin is necessary for 

chondrogenesis by initiating and maintaining cell-cell connections, and/or organizing the 

developing cartilage matrix [154], [155]. 

Of the other proteins investigated, network-forming collagen type IV and laminin are 

known to be co-localized in the pericellular matrix of chondrocyte-like cells in the inner 

region, as well as in the basement membrane surrounding the vasculature in the outer 

region [156], [157]. Microfibrillar collagen type VI has also been reported to be 

abundantly expressed in the meniscus, where it can be found in association with both 

collagen type I and II bundles, as well as within the pericellular matrix [158], [159].  All 
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three proteins are known to have bioactive effects in mediating cell phenotype and 

function [158], [159]. 

While the pepsin digestion used to solubilize the ECM would have substantially altered 

the ECM structure and composition, the findings of the in vitro studies clearly support 

that the pepsin-digested decellularized meniscus had bioactive effects on the ASCs 

encapsulated within the alginate-based bioinks. Notably, peptides derived from the 

proteolytic digestion of ECM proteins, termed matrikines, are well-known to have 

biological activity and can modulate cell functions including growth, proliferation and 

differentiation [69]. It is postulated that the differing composition within the two regions 

contributed to the varying effects observed between the alginate incorporating the 

decellularized inner meniscus (ALG+DIM) and decellularized outer meniscus 

(ALG+DOM). 

LIVE/DEAD® staining with confocal microscopy revealed that there was a significantly 

higher density of viable ASCs in the ALG+DIM and ALG+DOM beads as compared to 

the alginate only controls (ALG) after 28 days of culture in either proliferation or 

chondrogenic differentiation media. Furthermore, in proliferation medium, the density of 

ASCs within the ALG+DIM beads was significantly higher at 28 days as compared to 24 

hours. Taken together, these results suggest that the incorporation of the digested ECM 

may have promoted cell survival and/or proliferation, or provided adhesive cues that 

supported cell retention within the beads.  

 The LIVE/DEAD® images also revealed some morphological changes in the 

encapsulated ASCs that were cultured in chondrogenic differentiation medium for 28 

days, most notably in ALG+DIM beads, where an increase in cell size and/or cell 

clustering was observed. These findings are consistent with reports of increasing cell 

volume throughout the progressive stages of chondrogenic differentiation [160]–[163]. 

Based on the IHC analysis, there was greater cell clustering in the regions where there 

was enhanced matrix accumulation, although further studies would be needed to interpret 

whether this was a cause or an effect. 
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Interestingly, the RT-qPCR results revealed that expression of SOX9 was enhanced in the 

7-day samples cultured in proliferation media. SOX9 is a transcription factor that is 

expressed during cellular condensation and at the early stages of chondrogenesis [127], 

[129], [164]. This finding suggests that culturing within the alginate-based beads had an 

inductive effect on the expression of this transcription factor. However, the low levels of 

expression of all of the chondrogenic markers in the samples cultured in proliferation 

medium at 28 days indicate that the 3-D culture platforms were insufficient on their own 

to induce a robust chondrogenic response. Notably, SOX9 remained relatively low in the 

samples that were cultured in chondrogenic medium. Glucocorticoids, including 

dexamethasone, have been shown to promote chondrogenic differentiation and the early 

and transient upregulation of SOX9 [165]–[167]. As such, it would be interesting to 

explore differences in the expression levels under chondrogenic conditions at earlier time 

points in future studies to provide a more comprehensive understanding of the 

progression of chondrogenic differentiation. 

While culturing in differentiation medium had the most marked effect on chondrogenic 

gene expression, the RT-qPCR studies provided further evidence that the incorporated 

ECM had bioactive effects in mediating the chondrogenic differentiation of the 

encapsulated ASCs. More specifically, after 7 days of culture in chondrogenic 

differentiation medium, increased expression of ACAN and Coll II was observed in the 

ALG+DIM and ALG+DOM beads, and COMP in the ALG+DOM, compared to ALG 

alone, for both of the cell donors studied. Further, in comparing the expression levels in 

the 28-day chondrogenic samples, both of these markers were also consistently more 

highly expressed in the ALG+DOM beads relative to the ALG alone.  

The gene expression findings are aligned with the IHC results that showed markedly 

enhanced ECM accumulation in the composite bioinks after 28 days of culture in 

chondrogenic differentiation medium. More specifically, collagen type I, collagen type II, 

and fibronectin expression were qualitatively enhanced in the ALG+DOM and 

ALG+DIM beads compared to the ALG alone, with more intense staining in the 

ALG+DOM group. As previously discussed, fibronectin plays important roles in the 

initiation of chondrogenesis, as well as in the organization of the developing cartilage 
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matrix [154], [155]. As such, an enhanced presence of fibronectin-derived peptides 

within the pepsin-digested DOM may have stimulated the production of 

fibrocartilaginous ECM by the encapsulated ASCs. Interestingly, a previous study 

investigating the effects of incorporating a recombinant fibronectin fragment on the in 

vitro chondrogenic differentiation of bovine bone marrow-derived mesenchymal stromal 

cells (MSCs) encapsulated within agarose hydrogels showed that the fragment impeded 

proteoglycan synthesis and GAG accumulation [168], consistent with the very low levels 

of keratan sulphate staining observed under the conditions in the current study. An 

enhanced presence of fibronectin-derived peptides in the ALG+DOM group may have 

also contributed to a downregulation in fibronectin expression under proliferation 

conditions relative to the ALG+DIM group,  similar to what has been reported in terms of 

collagen production when cells are cultured on collagen-based scaffolds [169].  

Overall, the current study contributes to a growing body of evidence that supports that the 

ECM can have region-specific cell-instructive effects on MSC differentiation when 

incorporated within 3-D scaffolds [69]. Our findings are similar to a recent study that 

demonstrated that scaffolds derived from decellularized human meniscus provided a 

supportive microenvironment for the fibrochondrogenic differentiation of human 

synovial fluid-derived MSCs when cultured in medium containing inductive growth 

factors [170]. Similarly, another study investigating the effects of soluble urea extracts 

from decellularized inner versus outer bovine meniscus showed that both had positive 

effects on the proliferation and fibrochondrogenic differentiation of human bone marrow 

MSCs in 2-D culture [171]. Further, when the cells were encapsulated in 3-D 

methacrylated gelatin hydrogels, supplementation of the chondrogenic medium with the 

urea extracts was shown to accelerate chondrogenic differentiation [171]. Interestingly, 

the extracts from the inner meniscus had a more marked effect at timepoints up to day 21, 

but chondrogenic marker expression was similar between both ECM-supplemented 

groups at 42 days [171].  

Future studies should explore the phenotypic stability of the cells, and probe strategies to 

further augment fibrocartilaginous ECM production including increasing the 

concentration of ECM incorporated in the gels, the effects of varying oxygen tensions 
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[172], as well as supplementation of the medium with additional growth factors such as 

growth differentiation factor-5 (GDF-5) [173]. In addition, bioprinting studies should be 

performed to assess the potential of the bioinks to fabricate customized constructs with 

defined geometries, including applying both the ALG+DIM and ALG+DOM bioinks in 

combination to create constructs with a varying composition that mimics the native 

tissues.  
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Chapter  5    

5   Conclusion    

5.1   Summary  of  Findings  
In the first aim, a novel protocol (Protocol A) was applied to decellularize the inner and 

outer regions of the porcine meniscus that effectively extracted cellular and nuclear 

content while preserving key extracellular matrix (ECM) components including 

collagens, glycosaminoglycans (GAGs), laminin, and fibronectin. Methods used in this 

protocol included freeze-thaw cycles to mechanically induce cell lysis, hypotonic and 

hypertonic solutions to lyse cells by osmotic shock, enzymatic digestion with DNase and 

RNase, and washes with the non-ionic detergent Triton X-100. Protocol A was compared 

to an established protocol from the literature (Protocol B) that also relied on Triton X-100 

detergent extraction combined with DNase and RNase digestion, and was previously used 

in studies comparing the cell-instructive effects of the decellularized inner and outer 

regions of the meniscus on human bone marrow-derived mesenchymal stromal cells 

(MSCs) encapsulated within 3-D hydrogels [11].  

As confirmed by 4’,6-diamidino-2-phenylindole (DAPI) fluorescent staining and the 

PicoGreen® assay, Protocol A was more effective at extracting cellular content than 

Protocol B in both regions. Tissues processed with both protocols incorporated 

qualitatively similar dense networks of collagen, with the exception of the outer region of 

Protocol B, which showed an altered presence or arrangement of thin collagen fibers 

based on picrosirius red staining. Quantitatively, the tissues processed with both 

protocols had an enrichment in collagen content in the outer region relative to the native 

tissues, likely associated with a relative increase in collagen due to the loss of cells and 

other ECM components during decellularization. Protocol A enhanced the retention of 

GAGs based on toluidine blue staining and confirmed by the dimethylmethylene blue 

(DMMB) assay. Immunohistochemical analyses of key ECM markers revealed meniscal 

tissues decellularized by Protocol A presented similar staining patterns and intensities 

compared to native tissue controls. Notably, collagen type I and fibronectin staining were 



66 

 

more intense in the outer region, while more intense staining for keratan sulphate was 

observed in the inner region.  

In the second aim, decellularized inner (DIM) or outer (DOM) meniscus processed with 

Protocol A was pepsin-digested and incorporated at a concentration of 10 mg/mL into a 

proprietary alginate (ALG) solution, creating ALG+DIM and ALG+DOM bionks. A 

bioink comprised of ALG alone was also included as a control. A proprietary crosslinker 

was used to encapsulate human adipose-derived stromal cells (ASCs) within the alginate-

based beads at a density of 3.0x106 cells/mL. The beads were then cultured in 

proliferation or chondrogenic differentiation media for up to 30 days. The LIVE/DEAD® 

assay confirmed that the cells within the ALG, ALG+DIM, and ALG+DOM beads 

cultured in both media types remained highly viable throughout the in vitro culture 

period. A significantly higher cell density was observed in the ECM-containing bioinks at 

28 days in both media formulations relative to the alginate alone, and a significant 

increase in the cell density was found from 24 hours to 28 days within the ALG+DIM 

beads cultured in proliferation medium. Taken together, these findings indicate the 

incorporation of the pepsin-digested ECM had bioactive effects on promoting cell 

survival and/or proliferation, or adhesive cues to remain in the beads.   

In the final aim, gene expression of the ASCs cultured in proliferation and chondrogenic 

differentiation media was analyzed using RT-qPCR targeting genes associated with 

chondrogenesis. SOX9 was upregulated at 7 days of culture in proliferation medium, 

which may suggest an inductive effect of the 3D culture platform. However, this effect 

did not contribute to any notable expression of chondrogenic markers at either the gene or 

protein levels in the samples cultured for 28 days in proliferation medium, indicating that 

the ECM alone was insufficient to induce a chondrogenic differentiation response. 

Increased levels of aggrecan and collagen type II gene expression were seen at 7 days of 

culture in chondrogenic differentiation medium in the ALG+DIM and ALG+DOM beads, 

and COMP in ALG+DOM beads, compared to ALG alone, supporting that the ECM may 

have provided instructive cues to direct chondrogenic differentiation. This interpretation 

is further corroborated by the higher levels of Coll II and ACAN expression that were 

observed in the ALG+DOM beads cultured in chondrogenic differentiation medium from 
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28 days relative to the ALG alone group for both of the cell donors included in the study. 

Immunohistochemical analyses revealed that the ALG+DIM and ALG+DOM beads 

cultured in chondrogenic differentiation medium showed enhanced staining for collagen 

type I, collagen type II, and fibronectin relative to the ALG beads, with qualitatively 

higher levels of expression in the ALG+DOM group. In addition, the ALG+DOM beads 

also demonstrated faint staining for keratan sulphate. Based on the abundant staining, it 

was concluded that there was enhanced fibrocartilaginous matrix formation when the 

human ASCs were cultured within the ALG+DOM beads and confirmed that the region-

dependent bioinks had distinct effects on ECM accumulation within the hydrogels.        

5.2   Conclusions  and  Significance    
A novel decellularization protocol was demonstrated to effectively remove cellular and 

nuclear content, while preserving native ECM constituents including collagens, GAGs, 

laminin and fibronectin, from both the inner and outer regions of porcine meniscus. The 

decellularized tissues generated with this protocol could be applied to generate a wide 

range of ECM-derived bioscaffolds, including porous foams, microcarriers, coatings, and 

hydrogels, using methods established in the Flynn lab with other decellularized tissue 

sources [96], [123], [174]–[178]. The findings in this thesis also support that the pepsin-

digested meniscus ECM had bioactive effects on mediating the proliferation and 

fibrochondrogenic differentiation of human ASCs encapsulated within alginate-based 

hydrogels. Overall, this body of work contributes relevant new insight into a growing 

body of evidence that supports that region-specific ECM can be harnessed to direct cell 

phenotype and function within tissue-engineered scaffolds. 

5.3   Future  Directions    
The work in this thesis served a basis to understanding the potential effects of meniscus 

ECM on the viability and chondrogenic differentiation of human ASCs encapsulated 

within alginate-based beads. Future studies should focus on the effects of varying ECM 

concentrations within the beads, redefining parameters for separating more distinct 

regions of the menisci, as well as investigating the conjugation of the ECM to the alginate 

to ensure the fragments remain inside the beads during in vitro culture [179], [180]. A 
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more in-depth understanding of the mechanism that guides the differential response 

between the two regions could also be an interesting aspect to explore in future work. A 

potential approach to this may be to explore the effects of bioinks made from pepsin-

digested purified collagen and fibronectin, used independently and in combination.   

Additionally, since enzymatic digestion with pepsin may result in time-dependent 

alterations to the ECM [181], it would be interesting to evaluate the bioactivity of ECM 

digested with pepsin for varying amounts of time. From a cellular perspective, it is 

understood that ASCs exhibit a reduced capacity to differentiate beyond passage 5 [182]. 

Therefore, gene expression studies should analyze the use of ASCs from earlier passages 

and should be repeated on additional cell donors to verify trends. The application of other 

cell types including bone marrow-derived MSCs, meniscal fibrochondrocytes, or 

cartilage cells could also be studied to determine which cell type enhances 

fibrochondrogenic ECM production. Furthermore, RT-qPCR should include additional 

timepoints, especially an earlier timepoint, to provide more insight on the progression of 

cell differentiation. Collagen type X expression should be analyzed using 

immunohistochemistry to assess the degree of cell hypertrophy.  

Lastly, this study focused on verifying that the addition of meniscus ECM to alginate-

based beads is able to influence ASC viability and differentiation. Future studies that aim 

to explore 3D bioprinting of meniscus constructs containing this ECM should investigate 

modifications to the bioink that would retain its bioactivity while more accurately 

representing the mechanical properties of native meniscus.  Additional studies could also 

assess the cell-instructive effects of combining both bioinks.   
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Appendix  A:  Supplementary  Data  

 Supplementary Table A. 1: ASC Donor Information 

Donor  Gender Age Weight (kg) Height (cm) Surgical 
Site 

1* Female 37 86.1 175 Breast 

2* Female 49 68.7 158 Breast 

3† Female 63 87.0 161 Breast 

*Donors used in viability and gene expression studies 

†Donor used only in viability study 
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Supplementary Figure A.1. Immunohistochemical staining of porcine skin was used 
as a positive control for meniscus staining. ECM markers (red) are counterstained with 
DAPI (blue) to visualize cell nuclei. Abbreviations: Coll I=collagen type I, Coll 
II=collagen type II, Coll IV=collagen type IV, Coll VI=collagen type VI, KS=keratan 
sulphate, FN=fibronectin, LN=laminin. Scale bar= 200 µm.    
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Supplemental Figure A.2. Immunohistochemical staining of native bovine nucleus 
pulposus as a positive control for meniscus staining. Abbreviations: Coll II=collagen 
type II, KS=keratan sulphate. Scale bar= 200 µm.    

   

 

Supplementary Figure A.3. Immunohistochemical staining of native porcine inner 
meniscus was used as a positive control for alginate bead staining. Abbreviations: Coll 
I=collagen type I, Coll II=collagen type II, KS=keratan sulphate, FN=fibronectin. Scale 
bar= 200 µm.    
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